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ABSTRACT 
 
 Sea otters are generalist predators that feed on benthic megainvertebrates in 
littoral waters of the North Pacific. Because of their elevated metabolism, they consume 
up to 24% of their body weight daily and have a strong, top-down influence on 
invertebrate populations. Simpson Bay is a shallow, turbid, outwash fjord within Prince 
William Sound located in southcentral Alaska. Sea otters reoccupied Simpson Bay in the 
late 1970s, and the annual number of adults (~70 with a summer peak of 98) using the 
bay has been stable since 2002. The goal of this study was to measure the abundance and 
distribution of large bivalves relative to habitat type and then compare their abundance to 
annual consumption by sea otters. In addition, carbon flow in the bay was modeled for 
four trophic levels from primary production to sea otters. The seafloor of the bay is 
33.1% mud, 45.1% mud-gravel, and 21.8% rocky substrate. The total fresh mass of 
bivalves for all species in Simpson Bay was 9.27 x 105 kg. Butter clams (Saxidomus 
gigantea) were the most abundant hard-shelled bivalve which occurred primarily in mud-
gravel (76%) but also in mud. Stained macomas (Macoma inquinata) were the second 
most abundant bivalve which occurred almost exclusively in mud (91%). Together, these 
two species represented 71% of the bivalve biomass in the bay. The overall average 
numerical and mass densities of clams for the entire bay were 9.1 clams m-2 and 47.5 g 
m-2. Sea otters foraged on bivalves in proportion to their presence in the two benthic 
sediment types. The estimated annual primary productivity in Simpson Bay was of 132 g 
C m-2 yr-1 with a peak during the spring bloom of 720 g C m-2 yr-1. Carbon from primary 
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productivity moved through particulate organic carbon and suspension feeding bivalves 
to sea otters. On an annual basis, about 3% of the carbon flowing to bivalves goes to sea 
otters which consume about 12% of the bivalve standing stock annually. This abundance 
of large bivalves has been sufficient to sustain a sea otter density of ~3.3 adult otters km−2 
that has been stable for 17 years and probably longer. 
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CHAPTER I 
 
INTRODUCTION 
 
 
 
Sea Otter Distribution 
 Three subspecies of sea otters are recognized based on geographic distribution 
(Cronin et al., 1996; Doroff & Burdin, 2011). The worldwide population of sea otters 
was estimated to be between 150,000 (Kenyon, 1969) and 200,000 (Johnson, 1982) 
before the fur trade in the mid-to-late 1700s. However, by the end of the commercial fur 
trade in 1911, sea otter populations had declined to approximately 2,000 individuals 
(Kenyon, 1969; Ralls & Siniff, 1990; Larson et al., 2002). Populations have since 
recovered in parts of central California, Russia (Bering Island, Kamchatka Peninsula, 
and Kuril Islands), Alaska (Alaska Peninsula, the Kodiak archipelago, and Prince 
William Sound), and central California. However, some populations are small and 
widely dispersed (Ralls et al., 1983). California sea otters (Enhydra lutris nereis) have a 
very small range, found primarily only between Point Conception near Santa Barbara 
and Año Nuevo in San Mateo County (Hanni et al., 2003; Doroff & Burdin, 2011). 
Russian sea otters (Enhydra lutris lutris) are found from the Kuril Islands to the 
Kamchatka Peninsula and the Commander Islands. Alaskan sea otters (Enhydra lutris 
kenyoni) range from Oregon through the Aleutian Islands and Prince William Sound.  
There are three separate stocks managed in Alaska, which include: southeast (Dixon 
Entrance to Cape Yakataga), south central (Prince William Sound, Kenai Peninsula, and 
Kachemak Bay), and southwestern (Alaska Peninsula, Aleutian Islands, Kodiak Islands, 
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and Cook Inlet) (Doroff & Burdin, 2011). During the past 20 years, the southwestern 
stock has declined by 90% and is now listed as threatened under the Endangered Species 
Act (ESA). The cause is unknown, but killer whale predation is suspected. 
 
Taxonomy of Sea Otters 
 The Order Carnivora appeared approximately 60 mya (Van Valkenburgh, 1999) 
and is composed of two independent suborders: Caniformia (dog-like carnivores) and 
Feliformia (cat-like carnivores) (Van Valkenburgh, 1999; Delisle & Strobeck, 2005). In 
the late Eocene and early Oligocene (35 mya), these suborders rapidly radiated (Van 
Valkenburgh, 1999). The suborder Caniformia is subdivided further into the family 
Canidae and the Infraorder Arctoidea (bear-like carnivores). Within the Arctoidea is the 
family Ursidae (bears), the clade Pinnipedia (seals, sea lions, fur seals and walrus) and 
the superfamily of Musteloidea which includes the Mustelidae (weasels, otters etc.) 
among others (Delisle & Strobeck, 2005; Christiansen & Wroe, 2007).  
Mustelidae, a monophyletic group that appeared approximately 35 mya (Riley, 
1985; Marmi et al., 2004), is composed of 22 genera and 59 species (Koepfli et al., 
2008).  This family includes five subfamilies: Lutrinae (otters), Mellivorinae 
(honeybadgers), Mephitinae (skunks), Melinae (badgers), Mustelinae (rest of the 
mustelids) (Dragoo & Honeycutt, 1997). Sea otters are the largest member of the 
Mustelidae family and are the only truly marine adapted mustelid (Morrison et al., 
1974).       
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 During the Miocene (20-25mya), otters diverged from other mustelid lineages 
(Koepfli & Wayne, 1998). There are 7 genera and 13 species, which range from Africa, 
Asia, Europe, and North and South America (Koepfli & Wayne, 1998).  There are three 
monophyletic groups of otters (Carss, 1995; Koepfli et al., 2008). Clade 1 includes: cape 
clawless otters (Aonyx capensis), Eurasian otters (Lutra lutra), smooth-coated otter 
(Lutrogale perspicillata), Asian small-clawed otters (Aonyx cinereus), hairy-nosed otter 
(Lutra sumatrana), spotted-necked otters (Hydrictis maculicollis), and sea otters 
(Enhydra lutris). These are all classified as Old World otters. Sea otters are the earliest 
lineage to diverge within the Old World otters (Koepfli & Wayne, 1998). Clade 2 
contains the New World otters: North American river otters (Lontra canadensis), 
Neotropical river otters (Lontra longicaudis), and marine otters (Lontra felina).   
Ancestors of North American river otters may have crossed the Bering land bridge into 
North America during the Pliocene (Serfass et al., 1998). The genus of North American 
river otters was changed from Lutra to Lontra due to morphological differences 
observed between New and Old World otters (Serfass et al., 1998). The giant river otter 
(Pteronura brasiliensis) is the only member of Clade 3. 
 Based on geographic isolation, there are three subspecies of sea otters (Doroff & 
Burdin, 2011). The genus Enhydra diverged from the basal group lutrinae during the 
Miocene (20-5 mya) (Berta & Morgan, 1985). Lutra is the closest extant relative of sea 
otters, according to both morphological (Berta & Morgan, 1985) and molecular data 
(Masuda & Yoshida, 1994). Sea otters have two separate lineages, one leading to the 
 
 4 
extant Enhydra and the second leading to the extinct Enhydritherium (Berta & Morgan, 
1986).   
Both Enhydritherium and Enhydra originated within the Old World.  
Enhydritherium may have spread into North America from Europe and traveled through 
the Central American Seaway into Pacific Ocean during the Miocene (Berta & Morgan, 
1985). During the late Miocene or early Pliocene (7-5 mya), Enhydra diverged from the 
basal group Lutrinae. During the Pleistocene (1-3 mya) modern sea otters arose in the 
North Pacific and have been confined to this region today (Yeates et al., 2007). 
 
Thermoregulation and Metabolic Needs of Sea Otters 
Sea otters are the smallest marine mammal and the only one to rely exclusively 
on fur for thermal insulation (Kenyon, 1969; Costa & Williams, 1999; Yeates, 2007).  
Their core body temperature is 37.5-39.5oC (99.5-103.1oF) (Kenyon, 1969; Costa, 1982; 
Costa and Kooyman, 1982; Williams et al, 1992; Yeates et al., 2007), and they live in 
waters that range from 21.0 - 38.0oC (50.0-70.0oF) below core body temperature (Jessup 
et al., 2012). Sea otters have an elevated resting metabolic rate (2.5-fold) compared to 
terrestrial mammals of similar size, and this is thought to be a thermoregulatory 
adaptation to offset heat loss to the marine environment (Iverson, 1972; Morrison et al., 
1974; Costa, 1978; Costa & Kooyman, 1982; Yeates et al., 2007). The amount of heat 
transferred between the animal and the environment depends on the surface area:volume 
ratio of the animal, the magnitude of the gradient between the core body temperature and 
water temperature, and the barrier between the body core and outside environment 
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(Dejours, 1987; Yeates et al., 2007). Sea otters have a high surface area:volume ratio 
with no subcutaneous blubber layer (Williams et al., 1992; Yeates et al., 2007). With a 
greater surface area, sea otters lose more heat relative to the tissue volume then larger 
marine mammals (Yeates et al., 2007). In addition, they lack blubber for thermal 
insulation and instead have the densest fur of any mammal to act as an insulator. Their 
fur is composed of guard-hairs with shorter, finer under-hairs varying from 26,000 hairs 
cm-2 to 164,700 hairs cm-2 (Tarasoff, 1974; Williams et al., 1992; Davis & Hunter, 
1995).  The denseness of the fur and the interlocking of under-hairs, along with surface 
tension of water, help to trap a layer of air next to the skin (Weisel et al., 2005). This acts 
as a dry suit for the animal, providing a insulation even in water (Tarasoff, 1974; 
Williams et al., 1988; Williams et al., 1992; Yeate et al., 2007). Approximately 80% of 
the fur’s volume is trapped air (Williams et al., 1988). But what happens when these 
insulatory properties are compromised? The fur does not provide sufficient insulation to 
maintain a stable core body temperature, so sea otters have evolved and elevated resting 
metabolic rate to balance heat loss. To support this elevated metabolic rate, sea otters 
must consume up to ~24% of their body weight per day (Riedman & Estes, 1990; Yeates 
et al., 2007).   
 
Females and Reproductive Costs 
Female sea otters experience physiological and metabolic challenges when 
pregnant and while raising a pup (e.g., lactation, grooming, and feeding pup). Without a 
blubber layer, pregnant sea otters continue to forage during lactation to ensure they meet 
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their own caloric needs as well as that of their pups (Kenyon, 1969; Payne & Jameson, 
1984; Costa & Williams, 1999; Thometz et al., 2016; Cortez et al., 2016b). Pups are not 
weaned until six months of age, and females do not get any assistance from males. This 
incurs additional costs to the female (Monson et al., 2000; Trivers, 1974; Zeveloff & 
Boyce, 1980). During the first week postpartum, females significantly deplete their 
already small fat reserves and must increase foraging during the first six months 
(Riedman et al., 1994; Jameson & Johnson, 1993; Chinn, 2016; Cortez et al., 2016a). A 
study conducted in Simpson Bay, Alaska found that female sea otters with pups 
increased their food consumption 29% of body mass per day with a pup <4 wks old to 
39% with a pup 8-12 wks old (Cortez et al., 2016a). As pups grow and mature, the 
nutritional requirements increase, thus the mother must increase foraging to maintain 
these demands until the pup is weaned. The energetic requirements of the growing pup 
place additional demands on the females 
 
Prey Preference 
 In Simpson Bay, Alaska, sea otters feed on a wide variety of prey that including 
clams, mussels, scallops, sea stars crabs, fat innkeeper worms, sea stars, and shrimp  
(Calkins, 1978; Garshelis, 1983; Doroff & Bodkin, 1994; Garshelis et al., 1986; Wolt et 
al., 2012).  Sea otter populations across Alaska, Washington, and Oregon feed on similar 
prey, with the majority of prey being clams (Garshelis et al., 1986; Green & 
Brueggeman, 1991; Kvitek et al., 1993; Estes & Bodkin 2002; Lairde & Jameson, 2006; 
Wolt et al., 2012). The seafloor in Simpson Bay is primarily soft sediment composed of 
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mud or mixed mud and gravel but rocky outcrops are also present (Gilkinson et al., 
2011; Noll et al., 2009). Clams (e.g., butter clams and littleneck clams) make up the 
majority of prey in Simpson Bay. For littleneck clams, the average growth rate in Galena 
Bay, Prince William Sound, is 2-5 mm per year (Paul & Feder, 1973). It would take 
about ten years for a clam to reach a size (> 5 cm) eaten by sea otters. The soft sediment 
seafloor, large influx of fresh water (approximately 241 cm annually; Gay & Vaughn, 
2001), and large watershed (approximately 168 km2 (Noll et al., 2009) contributes to a 
very productive area for sea otter prey. Simpson Bay is used by sea otters during the 
summer months (June-August), averaging 133 + 23.9 sea otters since 2002 (Wolt et al., 
2012). The average summer density of sea otters is 6.0 otters km-2 (Wolt et al., 2012).  
The population declines to approximately 60 sea otters during the winter months.    
 
Feeding Behavior 
Soft-bottom foraging habits 
There are three functional groups of soft-sediment prey: epifauna, shallow-
burrowing infauna, and deep-burrowing infauna (Kvitek & Oliver, 1988). Epifauna prey, 
including crabs, shrimp, sea stars, mussels, and sea urchins, are found on the sediment 
surface.  Shallow-burrowing prey (primarily clams) can be found 5-10 cm below the 
sediment surface (Kvitek & Oliver, 1988). Deep-burrowing prey are found deeper than 
20 cm and include long-siphoned clams (e.g., butter clams). Clams are the primary prey 
item of sea otters, making up 68-99% of the volume of prey (Kvitek & Oliver, 1988).   
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 Unlike foraging in rocky substrates, otters must dig through soft sediment with 
their forepaws (Shimek, 1977; Calkins, 1978; Hines & Loughlin, 1980). To locate deep-
burrowing clams, sea otters probably use both visual and tactile cues (Kvitek & Oliver, 
1988). Deep-burrowing clams have prominent burrows, long siphons, and slow reaction 
times, making it easy to locate visually (Kvitek & Oliver, 1988).   
Two different strategies have been observed in otters while digging for shallow 
vs. deep-burrowing clams. Shallower buried clams are generally smaller in size and are 
less energetically dense than larger clams buried deeper in the sediment. However, dive 
time and foraging time increases for these larger clams. Otters have adapted ways to 
increase their foraging success and reduce foraging costs. To expose shallow-burrowing 
clams, otters dig smaller, more confined pits. This reduces their dive time per clam(s) 
and increases their overall success rate. However, to expose deep-burrowing clams, 
otters tend to enlarge existing pits, rather than digging several smaller pits (Kvitek and 
Oliver, 1988). This maximizes their success rate for deep-burrowing clams.    
 
Foraging Patterns 
 Foraging patterns of sea otters are consistent with the optimal foraging theory 
(Stephen & Krebs, 1986; Kvitek et al., 1993; Estes et al., 2003a; Tinker et al., 2008).  
While foraging in soft-sediment, sea otters tend to feed in patches generally containing 
smaller, more abundant clams at shallower depths (Kvitek et al., 1988; Kvitek et al., 
1993). If sea otters have the option (such as reoccupation or occupation of new area), 
they will choose primarily prey with the highest caloric value first (e.g., crabs, abalones, 
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and sea urchins). Then, when these high caloric prey are reduced, otters will broaden 
their diet to less desirable or caloric-rich prey (e.g., mussels, sea stars) (Estes et al., 
1978; Duggins, 1980; Ostfeld, 1982; Estes et al., 1981; Estes et al., 2003b; Laidre & 
Jameson, 2006). Sea otters are also known to be size selective predators.  They will 
generally choose prey (e.g., clams) within specific size classes (Kvitek et al., 1992; 
Tinker et al., 2008). For example, sea otters often select smaller, more abundant prey 
buried at shallower depths first (Estes et al., 1978; Simenstad et al., 1978; Ostfeld, 1982; 
Kvitek & Oliver, 1988; VanBlaricom, 1988; Kvitek et al., 1992; Estes & Duggins, 1995; 
Dean et al., 2002; Tinker et al., 2008). California sea otters generally forage for clams 
between 60 and 100 mm in length (Tinker et al., 2008). In addition, around the Kodiak 
Island archipelago, sea otters were documented to consume bivalves greater than 30 mm 
(Kvitek et al., 1992). Due to the depths at which bivalves are buried within the Kodiak 
archipelago (30-50 cm), larger prey may be more difficult to obtain. An increase in 
depth of prey increases dive time and excavation effort, and thus overall foraging and 
handling time (Kvitek et al., 1992).   
No specialization of prey, other than clams, was observed in Simpson Bay (Wolt 
et al., 2012). In contrast, individual specialization has been documented in California 
populations (Tinker et al., 2007). There is a greater range of prey species in California 
than Prince William Sound, which could result in specialization within populations in 
California (Tinker et al., 2007). Simpson Bay is primarily composed of soft or mixed 
sediment (some rocky reefs) where bivalves are dominant and make up the majority of 
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their diet (Garshelis et al., 1986; Estes & Bodkin, 2002; Finerty et al., 2009; Wolt et al., 
2012).  Therefore, individual specialization is unlikely.  
The size class of prey consumed by sea otters in Simpson Bay is supported by 
similar data in other sea otter populations (e.g., California and Kodiak archipelago) 
(Timm , 2013). Sea otters were observed to be size selective in prey choice (60-100 mm; 
> 30 mm) (Tinker et al., 2008; Kvitek et al., 1992). Sea otters are likely reducing their 
energetic costs by choosing medium sized clams. Smaller clams are buried at a 
shallower depth, thus decreases dive and foraging time. It is also predicted that choosing 
smaller/medium sized clams buried at shallower depth, decreases consumption time at 
the surface, thus decreasing overall handling time (Timm, 2013).   
 
Shallow vs deep vulnerability to sea otters foraging 
 Even though crabs are epifauna prey, shallow-burrowing prey, such as Pismo 
clams, are the most susceptible to sea otter predation (Kvitek & Oliver, 1988). Crabs 
have the ability to move and defend themselves against predation, whereas clams do not.  
For example, it took several years to reduce the crab fisheries in Alaska and California 
(California Department of Fish and Game, 1976; Hines & Loughlin, 1980; Garshelis, 
1983), whereas the Pismo clam fisheries were eliminated within one year (Kvitek & 
Oliver, 1988). Pismo clams inhabit a very narrow bank within the surface zone (Ricketts 
et al., 1985).  It is suggested that spatial dispersion of population and lack of other high 
caloric prey in the area caused the high vulnerability to otter predation.   
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Deep-burrowing prey are the least vulnerable to sea otter predation due to the 
depth at which they bury (Hines & Loughlin, 1980; Estes & VanBlaricom, 1985).  For 
example, a deep-burrowing clam population in Monterey Harbor was still high after 
more than 10 years of sea otter foraging, but fell in numbers only 20 years after the first 
arrival of otters (Hines & Loughlin, 1980).   
While foraging in soft-sediment environments, foraging efficiency is influenced 
by foraging time and capturing of prey (Kvitek & Oliver, 1988). Dive time and foraging 
time increases with increasing depth. For example, in Sheep Bay, AK, the mean dive 
time was 55 s and diet was 70% deep buried butter clams. The mean foraging time for 
deep buried Pacific gaper (Tresus nuttalli) and Washington clam (Saxidomus nuttalli) in 
Elkhorne Slough, CA, was 75 s (Kvitek & Oliver, 1988), compared to approximately 37 
s while foraging for Pismo clams in Monterey, CA (Miller et al., 1975). Larger prey 
buried deeper may be more difficult to obtain. This can be due to depth at which prey are 
buried, thus increasing dive time and excavation effort (e.g., foraging time) (Kvitek et 
al., 1992). Another aspect of prey vulnerability is resilience of prey population after 
otters exploited a new area (Kvitek & Oliver, 1988). Recruitment in deep-burrowing 
prey is higher than recruitment in shallow-burrowing prey as well as epifauna. This is 
likely due to spatial refuge in deep-burrowing environments, (Kvitek & Oliver, 1988).   
Keystone Species  
In 1969, Robert Paine first used the term “keystone” to describe a single species 
(starfish) within an intertidal zone and its effects on two species of sessile mussels.   
Paine’s description of a keystone species is one that plays a major role in the 
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maintenance and organization of species diversity at the community level (Paine, 1969).  
This term has since been used to describe many species within varying environments and 
trophic levels. Investigating species richness in a specific area and the number of links 
within and between trophic levels is necessary to better understand the relationship 
between structure and stability of a community (Ebenman & Jonnson, 2005). A 
community low in species richness runs a greater risk of collapsing if a top predator is 
removed and there is not a lower trophic level predator present to take its place 
(Ebenman & Jonnson, 2005). For example, when a group of California sea otters 
abandoned an area, a lower level predator feeding on sea urchins was present to feed on 
the urchins and slow the collapse of a kelp forest (Ebenman & Jonnson, 2005).  
However, in a similar situation, a group of sea otters in Alaska were removed from an 
area with much lower species diversity. In this case, there were no lower trophic level 
predators present to control the sea urchin population, thus the kelp community 
collapsed. In the California example, sea otters would not be considered a keystone 
species due to the higher species diversity and the lack of a collapse in the kelp 
community in their absence. However, in the Alaska example, sea otters would be 
considered a keystone species due to the collapse of the kelp community in their 
absence. This makes identifying a keystone species difficult and some may argue against 
using them in conservation measurements. Another definition of a keystone species is 
one that controls the density of a primary consumer and that primary consumer 
outcompetes other species within the community (Mills et al., 1993). Sea otters represent 
an apex predator in a three-level trophic interaction in an Alaskan coastal community 
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(Estes & Duggins, 1995). Sea otters are the top trophic level, followed by benthic 
herbivores, and macroalgae. The international fur trade left sea otter populations 
fragmented and isolated, providing evidence of this trophic level interaction (Estes & 
Duggins, 1995).  Sea otters returning to areas where they had been eliminated are 
another example of this three-level trophic interaction (Estes & Duggins, 1995).  In the 
absence of sea otters, sea urchin populations will drastically increase, thus rapidly reduce 
macroalgae growth, which may ultimately cause a collapse of the community. In the 
presence of sea otters, sea urchin populations are held in check, thus not overpopulating 
the area and destroying the primary trophic level of the coastal community. This is only 
probable, however, if there are no other predators available to reduce the sea urchin 
population and balance out the coastal community. Hence, sea otters have the potential 
of being a keystone species and have a significant top-down effect on marine 
megainvertebrates. 
   
Objectives 
 Previous studies have focused on diet diversity and prey preferences for sea 
otters in recently reoccupied areas (Lowry & Pearse, 1973; Estes & Palmisano, 1974; 
Estes et al., 1978; Duggins, 1980; Hines & Pearse, 1982; Ostfeld, 1982), but not in 
relation to prey diversity and prey abundance in an area occupied by sea otters for over 
40 years. Diversity in prey choice is an indicator of prey diversity, but it does not 
provide quantitative information on species abundance in the area. In addition, there 
have been attempts to quantify their impact on the distribution and abundance of 
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infaunal prey in soft and mixed-sediment habitats. However, once again, this has been 
investigated only in areas recently reoccupied (Stephenson, 1977; Wendell et al., 1986; 
Kvitek et al., 1988; Kvitek et al., 1992; Bodkin et al., 2001). Simpson Bay, Alaska, 
provided a unique opportunity to investigate prey abundance for sea otters in an area that 
has been occupied for over 40 years. Sea otter numbers have also been stable for at least 
the past 16 years, indicating an equilibrium density (Cortez et al., 2016b). My hypothesis 
was that sea otters feed on the most abundant macroinvertebrates in proportion to their 
abundance without prey specialization. Previous research in Simpson Bay showed that 
sea otters feed primarily on white-shelled clams, but species diversity could not be 
determined from observing otters feeding from a distance (Wolt et al, 2012). Although 
butter clams were known to be in the diet of sea otters in Simpson Bay, their abundance 
and dietary abundance, along with other potential clam species, was unknown. 
Therefore, the first goal was to measure the abundance and distribution of clams and 
other bivalves that were suitable prey for sea otters in Simpson Bay, Alaska, relative to 
habitat type and sea otter abundance. Prey abundance was then compared to sea otter 
foraging locations within the bay (e.g., locations and sediment types) and estimated 
annual prey consumption was calculated for this area.  
Carbon is an important tracer in an ecosystem as it makes its way through the 
organic marine ecosystem through fixation by photosynthesizing organisms. However, 
apex predators can regulate populations of herbivores, which can enhance the diversity 
and productivity of plant populations, ultimately affecting the entire ecosystem (Hairston 
et al., 1960). Among marine carnivores, this has been widely recognized for sea otters 
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reoccupying coastal areas (Estes & Palmisano, 1974; Simenstad et al., 1978; Duggins et 
al., 1989; Estes & Duggins, 1995; Estes et al., 1998; Watson & Estes, 2011; Hughes et 
al., 2013). However, this has never been calculated or modeled in areas where sea otters 
have been stable for decades. My hypothesis was that primary production was sufficient 
to support the annual number of sea otters occupying Simpson Bay. The challenge was 
to obtain sufficient in situ data from my research and previous studies in Simpson Bay to 
construct a plausible trophic model of carbon flow. The model I constructed describes 
carbon fluxes starting with primary production and the subsequent consumption, 
deposition and export. Models of carbon flow through four trophic levels, with sea otters 
as apex predator, were created for summer, winter, and annual flows. Sea otters are in 
high abundance during the summer months, but decrease significantly during the winter. 
So, I asked the question, how have sea otter been sustained during the winter months if 
primary production is so low or negligable? Although this model is a simplification of 
carbon flux in Simpson Bay, it is the first for an area occupied by sea otters that appear 
to be in an equilibrium density.  
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CHAPTER II 
 
DISTRIBUTION, ABUNDANCE, AND HABITAT ASSOCIATIONS OF SEA 
OTTERS AND THEIR PREY IN SIMPSON BAY, ALASKA 
 
Introduction 
Sea otters are the smallest marine mammal and, from an evolutionary 
perspective, the most recent. They appear to have evolved from the otter clade 
(Subfamily Lutrinae) in the middle late Miocene (8 Mya) in Eurasia, and the ancestors of 
sea otters (Enhydra) diverged from other Eurasian otters in the early Pliocene (~5 Mya) 
(Repenning 1976; Berta and Morgan 1985). They had attributes of both river otters and 
modern sea otters by the late Miocene to early Pliocene (5-4 Mya). However, the 
paleoenvironment of fossil sites indicates both nearshore marine and inland freshwater 
habitats instead of the strict marine habitats of Enhydra.  Hence, the ancestors of sea 
otters were habitat generalists before becoming strict marine specialists around the North 
Pacific Rim (Lambert, 1997).  
Prior to the fur trade in the late 18th and 19th centuries, sea otters ranged from 
Japan to Baja California and may have numbered ~200,000 (Kenyon, 1969; Johnson, 
1982). However, by the end of the commercial fur trade in 1911, the population had 
declined to ~2,000 (Kenyon, 1969; Ralls & Siniff, 1990; Larson et al., 2002). Since 
1911, the sea otter population has shown varying degrees of recovery with one 
recognized species (Enhydra lutris) and three subspecies: E. lutris lutris (northern Japan 
to the Commander Islands in the western Pacific Ocean), E. lutris kenyoni (Alaska and 
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the Pacific west coast from the Aleutian Islands to British Columbia, Washington State, 
and northern Oregon) and E. lutris nereis (coast of central California to northern Baja 
California and San Miguel Island). However, subspecies designation is mostly a 
management tool resulting from their near extirpation during the fur trade which 
fragmented their contiguous distribution. Indeed, all or most of the otters that occur in 
Southeast Alaska, British Columbia and Washington State are descended from otters that 
were translocated from the Aleutian Islands in the 1960s and 1970s. Although the three 
subspecies vary in body size and in some skull and dental characteristics, their behavior 
and foraging ecology are similar. 
Sea otters are generalist feeders with a broad variety of prey ranging from small 
bivalves to the giant Pacific octopus, although individuals may specialize on certain prey 
(Kenyon, 1969; Tinker et al., 2007; Wolt et al., 2012). Unlike other carnivorous marine 
mammals, sea otters eat their prey at the surface rather than underwater. They hunt 
epibenthic invertebrates on rocky substrate using vision and touch, but infauna such as 
clams are identified using their highly tactile fore paws while excavating soft-sediments 
(mud or mud-gravel) during dives of 2-3 min duration (Shimek, 1977; Calkins, 1978; 
Hines & Loughlin, 1980; Wolt et al., 2012). Epibenthic prey include: crabs, shrimp, 
snails, mussels, scallops, octopus, sea urchins, sea stars and skate egg cases. Shallow-
burrowing prey are primarily bivalves that occur at a depth of 5-10 cm in soft sediment, 
but larger bivalves can be deeper (> 10 cm; Kvitek & Oliver, 1988). As otters excavate 
prey, they generate a plume of turbid water that makes vision useless. Instead, they 
discriminate between clams and gravel using touch and are 87% successful during 
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foraging dives (Wolt et al., 2012). The pits created while excavating for prey are about 
15 cm deep and 20-30 cm wide, although some can be much larger. In some areas, sea 
otters capture small, epibenthic fish or feed on moribund salmon at the mouths of 
spawning streams, but they do not have the agility of river otters, which capture highly 
mobile prey with their mouth. Hence, fin fish are not a major component in the sea otter 
diet. Occasional predation on seabirds has also been reported for male sea otters 
(Riedman & Estes, 1988). 
To thermoregulate in the marine environment, sea otters have a resting metabolic 
rate that is 2.9-fold greater than the allometric predictions for eutherian mammals and 
2.6-fold greater than for carnivores specifically (McNab, 1988). To support such a high 
metabolic rate, an average 20 kg sea otter consumes about 25% (5.0 kg) of its body mass 
in food daily, but it can be as high as 39% (7.8 kg) for lactating females with older pups 
(Cortez et al., 2016a). On average, a sea otter will consume ~1,825 kg (not including 
indigestible shell and carapace) of prey yearly. Hence, sea otters have a strong top-down 
influence on invertebrate populations such as sea urchins, which can influence entire 
kelp communities in some parts of their range (Estes et al., 1978; Duggins, 1980; 
Ebeling & Laur, 1988; Estes & Duggins, 1995; Laidre a& Jameson, 2006).  
Past studies have described the influence of sea otters on epibenthic 
macroinvertebrates in rocky, sublittoral communities, especially in areas recently 
reoccupied by sea otters (Lowry & Pearse, 1973; Estes & Palmisano, 1974; Estes et al., 
1978; Duggins, 1980; Hines & Pearse, 1982; Ostfeld, 1982). There have also been 
attempts to quantify their impact on the distribution and abundance of infaunal prey in 
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soft and mixed-sediment habitats, again in areas recently reoccupied (Stephenson, 1977; 
Wendell et al., 1986; Kvitek et al., 1988; Kvitek et al., 1992; Bodkin et al., 2001). In 
contrast, sea otters have occupied Simpson Bay, Alaska for nearly 40 years, and their 
numbers have been stable for at least the past 16 years indicating an equilibrium density 
(Cortez et al., 2016b). Their diet consists of 75% clams, 9% mussels, 6% decapod crabs 
and a variety of other macroinvertebrates (Wolt et al., 2012). The goal of this study was 
to measure the abundance and distribution of clams and other bivalves that were suitable 
prey for sea otters in Simpson Bay relative to habitat type and sea otter abundance. We 
then compared prey abundance to sea otter foraging locations and estimated annual prey 
consumption. 
 
 
Materials and Methods 
 
Study Site 
Simpson Bay (ca. 60.6o N, 145.9o W) is a shallow fjord located in northeastern 
Prince William Sound, Alaska, with an average water depth of 30 m (maximum depth 
125 m) (Fig. 2.1). It is approximately 21 km2 in area: 7.5 km long in the northern and 
western bays, 5 km long in the eastern bay and 2.5 km wide at the entrance of the bay. 
This is a well-studied site for sea otter ecology because of its easy access, protection 
from rough seas, and continuous presence of sea otters for the past 40 years (Garshelis, 
1983; Finerty et al., 2009, 2010, Osterrieder & Davis, 2009, 2011; Lee et al., 2010; 
Gilksinson et al., 2011; Wolt et al., 2012; Cortez et al., 2016a, 2016b). It has also been 
the focus of research on intertidal bivalves, biological oceanography, hydrography and 
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geology (Nickerson, 1977; Gay et al., 2001; Noll et al., 2009; Quigg et al., 2013), which 
has contributed to our understanding of the abiotic and biotic factors influencing the 
bays ecology. 
Based on past studies, we divided Simpson Bay into three areas: West Bay, 
North Bay and East Bay (Fig. 2.1; Noll et al., 2009). The seafloor consists primarily of 
soft sediments (mud, mixed mud-gravel) with some rocky reefs (Noll et al., 2009; 
Gilkinson et al., 2011). None of the large-bodied kelps (e.g., Nereocystis) that elsewhere 
form canopies are present, but large fronds of sugar (Laminaria saccharina), split 
(Laminaria bongardiana), and sieve (Agarum clathratum) kelp cover the seafloor in 
many areas of the bay from the subtidal to a depth of approximately 10 m (R. Davis, 
pers. obs.). After near extinction from the 19th century fur trade, Simpson Bay was re-
colonized by male sea otters in 1977, and females moved into the area in 1983 
(Garshelis, 1983; Rotterman & Simon-Jackson, 1988; VanBlaricom, 1988). Since 2002, 
this bay has been used during the summer (June-August) by an average of 133 + 23.9 sea 
otters including adults (98 + 13.5) and pups (35 + 10.9) giving an average minimum 
density of 6.3 otters km-2 (4.7 adult otters km-2) (updated from Cortez et al., 2016b). 
During the winter, the number of otters in the bay decreases to ~60, although where they 
go is poorly understood (Wolt et al., 2012). The estimated average annual minimum 
number of adult otters in the bay is 69 with an average minimum density of 3.3 otters 
km-2. 
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Fig. 2.1. Field site in Simpson Bay, Alaska. 
 
Seafloor mapping and sampling stations 
A seafloor sediment map was created based on data previously obtained using 
side-scan sonar imagery and simultaneous sea floor sampling to characterize sediment 
type and distribution (Noll et al., 2009; Gilkinson et al., 2011). The side-scan sonar was 
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towed behind a 10 m fishing vessel along parallel transects that covered the entire bay. It 
emitted sound pulses (100 kHz) directed toward the seafloor across a wide angle 
perpendicular to the transect path. The sound pulses were reflected differentially 
depending on sediment composition and rendered into a gray scale from black (little or 
no reflectivity) to white (strong reflectivity). Images of individual transects were 
combined to form a sonar mosaic of the seafloor (Fig. 2.2a). Seafloor sediments were 
then sampled at predetermined locations with a box or gravity core and characterized by 
grain size using standard techniques and a Shephard’s Classification (Sheppard, 1954; 
Noll et al., 2009; Gilkinson et al., 2011). Dark areas on the map correlated with areas of 
soft sediment (primarily mud, silt and clay ) that we have labeled as mud. Ligher areas 
correlated with soft sediments but also contained sand and gravel that we labeled  as 
mud-gravel. The sonar mosaic was imported into mapping software (ArcView, Esri, 
Redlands, CA), and polygons representing the sediment classes of  mud, mud-gravel and 
rocky reef were overlayed creating a sediment map (Fig. 2.2b). This map was validated 
during this study with sediment samples from a box core used to collect benthic 
megainvertebrates. 
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Fig. 2.2. Two views of Simpson Bay: a) Composite side-scan acoustic survey showing 
areas of mud with low reflectivity (black) and areas of mud-gravel with higher 
reflectivity (light grey); b) Map showing areas of mud (brown), mud-gravel (yellow) and 
rocky reef (black) based on sediment samples and composite side scan sonar (Noll et al., 
2009; Gilkinson et al., 2011). Red dots show the mean locations where benthic samples 
were taken with a box core (six replicates per station) to confirm sediment type and 
collect large invertebrates (primarily bivalves > 1 cm diameter) to estimate their 
distribution and abundance in areas of mud and mud-gravel. 
 
Sampling benthic sediments and megainvertebrates 
  A stratified random sampling regime within the two sediment classes (mud and 
mud-gravel) was used for boat-based sampling data. Twenty sampling locations were 
used in each of the two sediment classes with six replicates per station (Fig. 2.2b; Table 
2.1). Sediment and infauna were sampled with at Gomex Box Core (cross section 25 cm 
a b 
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x 25 cm; 180 kg mass with a maximum depth penetration of 40 cm). The corer was 
lowered with a winch from a 10 m vessel to the seafloor where it penetrated the 
sediment to a mean depth of 29 ± 4.50 s.d. cm in mud and 15 ± 3.80 s.d. cm in mud-
gravel. The corer was then retracted and brought to the surface where the sample was: 1) 
measured for penetration depth, 2) homogenized and subsampled for sediment analysis 
and 3) processed by removing fine sediments and smaller organisms under moderate 
water pressure through a 1 cm2 wire mesh seive (Fig. 2.3). All live bivalves remaining in 
the sieve were collected for identification and morphometrics, and the remaining gravel 
and broken shell imaged in situ for estimating the percentage of gravel by volume. Each 
station was sampled six times so that 240 samples were collected from 40 locations.    
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Table 2.1. Locations of sediment samples (six replicates per station) taken in Simpson 
Bay with a Gomex box core. 
 
Sediment Type Station Latitude Longitude 
Mud 5 60.63256 -145.86548 
Mud 8 60.62657 -145.87897 
Mud 12 60.62881 -145.91441 
Mud 13 60.62684 -145.92306 
Mud 16 60.63661 -145.91289 
Mud 17 60.63345 -145.90255 
Mud 18 60.64373 -145.89900 
Mud 19 60.65626 -145.90190 
Mud 20 60.66467 -145.88327 
Mud 21 60.67168 -145.87574 
Mud 22 60.67897 -145.87413 
Mud 27 60.64677 -145.89194 
Mud 29 60.63121 -145.86662 
Mud 30 60.63470 -145.90791 
Mud 31 60.64384 -145.90352 
Mud 32 60.66165 -145.88768 
Mud 39 60.61611 -145.90806 
Mud/Gravel 1 60.63525 -145.83915 
Mud/Gravel 2 60.64065 -145.84011 
Mud/Gravel 3 60.64055 -145.82788 
Mud/Gravel 4 60.62730 -145.85698 
Mud/Gravel 6 60.63739 -145.86241 
Mud/Gravel 7 60.64149 -145.85074 
Mud/Gravel 9 60.61601 -145.89657 
Mud/Gravel 10 60.61906 -145.90575 
Mud/Gravel 11 60.62366 -145.91230 
Mud/Gravel 14 60.62508 -145.92990 
Mud/Gravel 15 60.63119 -145.92830 
Mud/Gravel 23 60.65129 -145.91915 
Mud/Gravel 24 60.64814 -145.91337 
Mud/Gravel 25 60.64490 -145.90813 
Mud/Gravel 26 60.65032 -145.89844 
Mud/Gravel 28 60.64722 -145.88765 
Mud/Gravel 33 60.63405 -145.84545 
Mud/Gravel 34 60.64041 -145.85448 
Mud/Gravel 35 60.62186 -145.91768 
Mud/Gravel 36 60.64103 -145.92252 
Mud/Gravel 37 60.63686 -145.89163 
Mud/Gravel 38 60.63932 -145.83360 
Mud/Gravel 40 60.64524 -145.91390 
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Fig. 2.3. Mud sample station 31 pre (a) and post sieving (b) and mud-gravel sample 
station 2 pre (c) and post (d) sieving.  The shells and fragments in image (b) are stained 
macomas. The shells in image (d) include butter clams, red scallop and black lamp shell. 
 
Benthic sediment analysis 
Each sample location was confirmed to be mud or mud-gravel based on our 
sediment map. Sediments were subsampled from each box core and stored in individual 
plastic bags until analysis at Texas A&M University. The percent grain size distribution 
was determined using a Malvern Mastersizer 2000, which uses laser diffraction to 
produce a grain size distribution ranging from 0.02-200 µm. Using the particle size 
classification of Wentworth (1922) and Sheppard (1954), sediments were classified as 
c 
d 
a 
b 
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clay (< 3.9 µm), silt (3.9-6.25 µm), sand (6.25-2000 µm). For analysis, each sample was 
solubilized with a magnetic stir bar in a solution of sodium metaphosphate (5.5 g L-1). 
The samples were added to the Malvern until the obscuration of the lasers reached an 
ideal limit (15-20%) to measure the percentage of clay, silt and sand (Taylor, 2007). 
These results were combined with the estimated volume of gravel to estimate the 
percentage of clay, silt, sand and gravel. 
 
Beach mapping and sampling of sediments and megainvertebrates 
A catalog of images of the entire shoreline of Simpson Bay was created from 
Google Earth. The length of shoreline suitable for bivalves was estimated by surveying 
the shore from a skiff at a -2.0 tide, which exposed all of the intertidal that was sampled 
(see below). Suitability was assessed based on substrate (mud or mud-gravel) and the 
presence of bivalve shells. Total length was then estimated by summing the length of 
suitable beach from each image. 
Bivalves and sediments were sampled from 12 beaches in the intertidal zone 
from the -2 ft to +2 ft relative to mean tide level (Fig. 2.4). This zone had previously 
been shown to have the highest density of intertidal bivalves in Simpson Bay 
(Nickerson, 1977). Each beach was sampled by digging a series of five 1 m2 holes to a 
depth of ~20 cm with a shovel or clam rake along a transect line at the -2, -1, 0, +1, and 
+2 ft relative to mean tide level. Excavated sediments were sieved through 1 cm2 wire 
mesh as described above for benthic sediment samples. All living bivalves were 
collected for identification and morphometrics. Sediment samples were analyzed for the 
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percentage of clay, silt, sand and gravel as described above for benthic sediment 
samples. The slope (°) of each beach was calculated according to the equation arcsin (4 
 L) where 4 is the height (ft) of the beach in the sampling zone and L is the length (ft) 
of the sampling zone from -2 ft to +2 ft relative to mean tide level. 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Fig. 2.4. Sampling beaches 1 and 2 showing typical beach topography and sediment in 
Simpson Bay. 
 
 
 
a 
b 
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Morphometrics of megainvertebrates 
Live bivalves from benthic and beach samples were measured for maximum 
length (mm) and width (mm) using digital calipers (Weymouth et al., 1931). The fresh 
mass (g) of the soft tissue (i.e., without the shell) was measured with a digital scale. 
Other common invertebrates such as bamboo worms (Nicomache personata) and 
brittlestars (e.g., Amphipholis squamata) that were brought to the surface by the Gomex 
corer were released on site (i.e., were not included in further analysis) because they are 
not fed on by sea otters. 
 
Statistical Analysis 
A Generalized Linear Model (binomial distribution with logit link function) was 
used to test (F statistic, Alpha 0.05) the explained variation (R2) differentiating the two 
sediment categories (Mud and Mud-Gravel) among benthic samples based on the 
average dry proportion of the five sediment components (Silt, Sand, Clay, Organic 
matter, Gravel). Proportions were arcsin transformed for analysis to linearize responses 
and increase model fit (AIC). 
A preliminary Detrended Correspondence Analysis showed 5.2 standard 
deviations among sample composition of bivalve species, indicating that a unimodal 
context for the ordination was appropriate (Ter Braak & Šmilauer, 2012). Therefore, a 
Canonical Correspondence Analysis (CCA) was used to summarize the total explained 
variation in abundance of bivalve species as related to the two explanatory variable 
groups: sediment category and arcsin proportion dry sediment composition.   
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Variation partitioning was used to quantify explained variation (R2) and test 
(Monte Carlo simulations to calculate pseudo-F statistic, Alpha 0.05) conditional effects 
for each explanatory group and total explained variance of bivalve species abundances.  
Results were summarized in bi-plots showing the joint effects of the explanatory 
variables.  All analyses were carried out using CANOCO 5.0 (Ter Braak & Šmilauer, 
2012).  
 
Results 
Seafloor and shoreline mapping  
The seafloor of Simpson Bay was calculated to be 21,000,000 m2 of which 
33.1% was mud (6,957,300 m2), 45.1% (9,471,000 m2) was mud-gravel and 21.8% 
(4,571,700 m2) was rocky substrate (Fig. 2.2). There were 32,445 m of intertidal 
shoreline suitable for bivalves with an average slope of 8° (Fig. 2.4) and a total area of 
299,792 m2. Taken together, the intertidal shoreline suitable for bivalves was only 1.4% 
of the total area (21,299,792 m2) of the bay.    
 
Sediment composition 
Based on the average percent dry composition, benthic mud was composed 
primarily of clay (31%) and silt (66%) and with little sand (2%) and gravel (1%) (Table 
2.2). Benthic mud-gravel was also composed primarily of clay (29%) and silt (57%) but 
contained more sand (10%) and gravel (5%). The dry compositions of the two sediment 
types were significantly different. A GLM (binomial with logit link function) that 
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included an intercept term was the best-fit model to explain the two dry compositions 
(Parsimony 11.369 with overall test for analysis of deviance checked using quasi-
likelihood approach). A Monte Carlo permutation test for all explanatory components 
combined was significant (pseudo-F = 50.8, P = 0.002); the model explained 88.2% of 
the compositional variation between the two sediment types in these samples (GLM, F = 
50.789, DF = 4.31 P < 0.00001).  However, no single term in the model could 
significantly distinguish between mud and mud-gravel sediment (P > 0.08 for each 
term). 
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Table 2.2. Percentage of sand, silt, clay, sand and gravel in benthic mud and mud-gravel 
samples after drying to remove moisture.  
 
Sediment type Sample Station % clay % silt % sand  % gravel 
Mud 5 29 68 2 1 
Mud 8 32 65 2 1 
Mud 12 33 64 2 1 
Mud 13 33 62 3 3 
Mud 16 29 68 2 1 
Mud 17 31 67 2 0 
Mud 18 31 68 1 0 
Mud 19 33 64 2 1 
Mud 20 33 65 0 1 
Mud 21 30 68 1 1 
Mud 22 21 67 11 1 
Mud 27 28 69 1 1 
Mud 29 30 69 2 0 
Mud 30 30 68 2 0 
Mud 31 31 67 2 0 
Mud 32 32 65 2 1 
Mud 39 36 62 3 0 
Average  31 66 2 1 
sd  3.2 2.4 2.4 0.7 
      
Mud-gravel 1 25 57 12 7 
Mud-gravel 2 28 57 7 8 
Mud-gravel 3 20 64 11 5 
Mud-gravel 4 29 50 15 6 
Mud-gravel 6 28 61 6 5 
Mud-gravel 7 21 58 11 11 
Mud-gravel 9 5 25 70 0 
Mud-gravel 10 36 56 3 4 
Mud-gravel 11 39 60 1 0 
Mud-gravel 14 38 60 2 1 
Mud-gravel 15 29 54 13 4 
Mud-gravel 23 34 58 3 5 
Mud-gravel 24 33 55 7 5 
Mud-gravel 25 28 64 3 5 
Mud-gravel 26 28 53 14 5 
33 
Sediment type Sample Station % clay % silt % sand % gravel 
Mud-gravel 28 29 63 3 5 
Mud-gravel 33 28 58 4 10 
Mud-gravel 34 21 59 14 7 
Mud-gravel 35 35 59 2 3 
Mud-gravel 36 31 61 4 3 
Mud-gravel 37 32 62 3 3 
Mud-gravel 38 23 60 7 10 
Mud-gravel 40 35 61 3 1 
Average 29 57 10 5 
sd 7.3 7.9 13.9 3.0 
Table 2.2 Continued
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Compared with the benthic sediments, beach sediments were very different and 
composed primarily of gravel (74%) and sand (12%) with little silt (9%) and clay (5%) 
(Table 2.3). 
 
Table 2.3. Percentage of sand, silt, clay, sand and gravel in beach samples after drying to 
remove moisture.  
 
Sediment type Sample Station % clay % silt % sand  % gravel 
Beach 1 3 4 10 83 
Beach 2 2 3 27 68 
Beach 3 4 8 10 78 
Beach 4 9 13 7 71 
Beach 5 7 10 5 78 
Beach 6 2 6 14 78 
Beach 7 2 2 29 67 
Beach 8 4 11 7 78 
Beach 9 3 6 19 72 
Beach 10 4 13 9 74 
Beach 11 9 11 4 76 
Beach 12 12 19 3 66 
Average  5 9 12 74 
sd  3.3 5.0 8.7 5.3 
 
Morphometrics of bivalves 
Twelve species of bivalves and a brachiopod were sampled on the seafloor and 
eight species along the shoreline (Table 2.4). The little neck clam and Astarte sp. were 
found only along the shoreline. Maximum shell length and wet tissue mass ranged from 
18.8 mm and 1.0 g (Nuttall cockle) to 47.7 mm and 12.9 g (butter clam), respectively. 
Hereafter, the single species of brachiopod (black lampshell) will be grouped with the 
bivalves. 
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Table 2.4. Morphometrics of bivalves and a brachiopod (black lampshell) collected 
using the box core (benthic specimens) during sediment sampling and from beach 
surveys along a transect perpendicular to the tide line. Maximum length refers to the 
shell, and wet mass is for tissue only. 
 
Common name Species name n 
Max length 
(mm) 
Wet Mass (g) 
   Average sd Average sd 
Box core 
specimens 
      
Butter clam Saxidomus gigantea 69 30.7 6.90 7.0 4.40 
Stained macoma Macoma inquinata 33 28.7 6.80 3.1 2.30 
Broad yoldia 
Megayoldia 
thraciaeformis 
16 27.6 4.60 2.2 1.10 
Black lampshell Hemithyris psittacea 12 20.4 3.20 4.8 1.80 
Bent nose 
macoma 
Macoma nasuta 9 38.1 3.90 3.0 1.10 
Hairy cockle Clinocardium ciliatum 6 26.9 7.70 5.3 4.10 
Nuttall cockle Clinocardium nattallii 3 18.8 3.50 1.5 0.70 
Smooth cockle Serripes laperousii 2 33.8 3.20 7.5 2.10 
False jingle 
Pododesmus 
macroschisma 
1 49.0 0.00 16.0 0.00 
Reddish scallop Chlamys rubida 1 35.0 0.00 3.0 0.00 
Softshell clam Mya arenaria 1 24.0 0.00 2.0 0.00 
Blue mussel Mytilus edulis 1 38.9 0.00 4.0 0.00 
       
Beach specimens       
Arctic Astarte Astarte sp. 146 21.9 4.1 2.6 1 
Butter clam Saxidomus gigantea 126 47.7 35.60 12.9 11.20 
Softshell clam Mya arenaria 80 24.6 3.80 2.7 1.90 
Littleneck Clam Protothaca Staminea 29 35.4 10.4 6.7 4.2 
Stained macoma Macoma inquinata 22 26.6 8.80 3.1 1.00 
Bent nose 
macoma 
Macoma nasuta 3 31.9 6.00 2.0 0.00 
Hairy cockle Clinocardium ciliatum 1 31.1 0.00 2.0 0.00 
Nuttall cockle Clinocardium nattallii 1 20.9 0.00 1.0 0.00 
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Sediment composition and distribution of bivalves 
Variance partitioning of the explanatory effects for species abundance showed 
that the two types of benthic sediment (i.e., mud and mud-gravel) together with the 
arcsin proportion of each of the four sediment components (silt, mud, sand, gravel) 
explained 16.3% of the total adjusted variation (F = 2.2, P = 0.002) (Table 2.5). 
Sediment components uniquely contributed 7.1% (F = 1.7, P = 0.002), sediment type 
uniquely contributed 2.7% (F = 1.9, P = 0.056), and an additional 6.5% of explained 
adjusted variation was equally attributable to (shared by) both of these variables (F = 
2.2, P = 0.002).  
The biplot for the first two canonical axes of the detrended correspondence 
analysis together accounted for 80% of the explained variation (CA 1 = 47%, P –=0.002; 
CA 2 = 33%, P= 0.004) (Fig. 2.5).  The third and fourth axes contributed an additional 
12% and 6%, respectively, but were not significant (P > 0.70) and are not depicted. 
Hard-shelled bivalves (butter clams, Nuttall cockle, smooth cockle and broad yoldia) and 
epibenthic bivalves (blue mussel, red scallop and false jingle) were positively correlated 
with mud-gravel and specifically with the sand and gravel components and negatively 
correlated with mud and specifically with silt and clay (Fig. 2.5 upper versus lower 
quadrant). The opposite was true for stained macoma and bent-nose macoma (Fig. 2.5 
lower left quadrant). The hairy cockle, black lampshell and softshell clam were 
positively correlated with clay (Fig. 2.5 lower right quadrant). 
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Fig. 2.5. Canonical Correspondence Analysis of the distribution of bivalves in seafloor 
mud and mud/gravel sediments. Bi-plot indicates the explained variance on the first two 
canonical axes for bivalve abundance among samples (CCA 1 = 47% and CCA 2 = 
33%,). Arrows represent arcsine transformed values of the dry composition for each 
sediment characteristic and point in the direction of the steepest increase in value. 
Arrows also run in the opposite direction, but are not shown, which indicates the 
negative association (i.e., steepest decrease in value). The angle between arrows 
indicates the correlation between values for individual sediment characteristics. Closed 
triangles represent sample groups for mud and mud/gravel sediment type. Individual 
symbols correspond to categories, and the distance between the symbols approximates 
the average dissimilarity (chi-square distance) among samples with respect to the 
sediment type. 
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Table 2.5. Variation Partitioning results for arcsin transformed percentage of unique and 
shared variation among sediment components adjusted for the number of variables.  
Bold text indicates significant results (P < 0.05). 
 
Explained variation fraction Variation 
% 
explained 
% of all 
 (adjusted)   
Unique to sediment component composition 0.291 43.7 7.1 
Unique to sediment classes, mud and mud-
gravel 
0.109 16.3 2.7 
Shared by both groups of variables 0.266 39.9 6.5 
Total Explained 0.666 100 16.3 
All Variation 4.083 -- 100 
 
 
Generalized Linear Models using quasi-Poisson distribution and log link function 
predicted the associations of each bivalve species with each sediment component. Nine 
of the 12 species were significantly associated with one or more sediment components 
(Table 2.6). Strongest significant associations (highest R2, P < 0.05) were with clay 
(softshell clam = 67.2%, smooth cockle = 52.4%, and black lampshell = 45.6%). Bent 
nose macoma was significantly associated with silt (35.4%), gravel (34.3%) and sand 
(25.3%) but not with clay (0.9%).   
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Table 2.6. Summary of R2 (% fitted) for Generalized Linear Models using Poisson 
distribution and log link function to predict abundance of each species as related to 
arcsin transformed percentage for each sediment component.  Bold text indicates 
significant results (P < 0.05). 
 
 R2 (%) 
Species Sand Gravel Silt Clay 
Butter clam 0.3 0.2 1 3.4 
Stained macoma 13.4 13.7 29.7 0 
Bent nose macoma 25.3 34.3 35.4 0.9 
Broad yoldia 0.3 0.9 3 8.5 
Reddish scallop 0.1 22.7 12.3 0 
Nuttall cockle 0.7 5.1 19.7 6.9 
False jingle 8 31.7 7.9 14 
Blue mussel 0.1 3.6 0.1 1.4 
Softshell clam 23.5 12.5 3.2 67.2 
Hairy cockle 14.8 5.3 1 35.9 
Black lampshell 0 3.5 20.7 45.6 
Smooth cockle 29.6 17.1 1.4 52.4 
 
 
Abundance and density of bivalves 
As a percentage of the total sample size (196), butter clams (34%) were the most 
abundant bivalve collected followed by the Astarte sp. (25%), softshell clam (14%), 
stained macoma (10%) and littleneck clam (5%) (Table 2.7). Combined, the other 
species represented ~13% of the total count. The majority of the butter clams (64%) 
were collected along the shoreline followed by mud-gravel (28%) and mud (8%). In 
contrast, the Astarte sp., softshell clam, the stained macoma and the littleneck clam were 
found almost exclusively (99-100%) along the shoreline. 
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Table 2.7. Abundance and mass of bivalves larger than 1 cm from seafloor (mud, mud-
gravel) and shoreline habitats in Simpson Bay. Sample size (n) is the number of 
individuals for each species collected in each habitat, and density is the average number 
of individuals m-2. The total number of individuals for each species is the product of the 
density and the total surface area for each habitat (shown in parentheses). Total mass (kg 
of fresh bivalve tissue) is the product of the total number of individuals in each habitat 
and the average fresh tissue mass for each species (Table 2.4). The total fresh mass of 
bivalves for all species in Simpson Bay was 9.27 x 105 kg. 
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 Butter 
clam 
Stained 
macoma 
Black 
lampshell 
Hairy 
cockle 
Broad 
yoldia 
Bent 
nose 
macoma 
Smooth 
cockle 
False 
jingle 
Reddish 
scallop 
Nuttall 
cockle 
Softshell 
clam  
Blue 
mussel 
Little 
neck clam 
Astarte 
sp. 
Mud  
(area = 6.957 x106 m2) 
Sample size (n) 16 30 0 1 6 9 1 0 0 0 0 0 0 0 
Density (m-2) 2.51 4.71  0.16 0.94 1.41 0.16        
Total number 1.75x107 3.27x107  1.09x106 6.55x106 9.82x106 1.09x106        
Total  mass (kg) 1.23x105 1.02x105  5.78x103 1.45x104 2.95x104 8.19x103        
             
Mud-gravel 
 (area = 9.471 x106 m2) 
Sample size (n) 54 3 16 6 9 0 2 4 4 7 1 1 0 0 
Density (m-2) 6.26 0.35 1.86 0.70 1.04  0.23 0.46 0.46 0.81 0.12 0.12   
Total number 5.93x107 
3.29 
x106 1.76x107 6.59x106 9.88x106  2.20x106 4.39x106 4.39x106 7.69x106 1.10x106 1.10x106   
Total  mass (kg) 4.16x105 1.03x104 8.43x104 3.49x104 2.18x104  1.65x104 2.03x104 1.32x104 1.15x104 
2.20 
x103 7.58 x102   
              
Beach samples  
 (area = 3.000 x105 m2) 
Sample size (n) 126 22 0 1 0 3 0 0 0 1 80 0 29 146 
Density (m-2) 2.10 0.37  0.02  0.05    0.02 1.33  0.48 2.43 
Total number 6.30x105 1.10x105  
5.00 
x103  
1.50 
x104    5.00x103 
4.00 
x105  1.45 x105 7.30x105 
Total  mass (kg) 8.12x103 3.44x102  1.00x101  3.00x101    5.00 1.08x103  9.72x102 1.88x103 
               
Grand total for Simpson Bay 
Total sample size 196 55 16 8 15 12 3 4 4 8 81 1 29 146 
% total count 34% 10% 3% 1% 3% 2% 1% 1% 1% 1% 14% 0% 5% 25% 
% of count in mud 8% 55% 0% 13% 40% 75% 33% 0% 0% 0% 0% 0% 0% 0% 
% of count in 
mud/gravel 28% 5% 100% 75% 60% 0% 67%1 100% 100% 88% 1% 100% 0% 0% 
% of count in 
shoreline 64% 40% 0% 13% 0% 25% 0% 0% 0% 13% 99% 0% 100% 100% 
Total mass (kg) 5.47x105 1.13x105 8.43x104 4.07x104 3.63x104 2.95x104 2.47x104 2.03x104 1.32x104 1.15x104 
3.28 
x103 7.58x102 9.73x102 1.88x103 
% of total mass 59% 12% 9% 4% 4% 3% 3% 2% 1% 1% <1% <1% <1% <1% 
% mass in mud 22% 91% 0% 14% 40% 100% 33% 0% 0% 0% 0% 0% 0% 0% 
% mass in mud-gravel 76% 9% 100% 86% 60% 0% 67% 100% 100% 100% 73% 100% 0% 0% 
% mass in shoreline 1% 0% 0% 0% 0% 0% 0% 0% 0% 0% 27% 0% 100% 100% 
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The total area sampled in mud (17 sites) and mud-gravel (23 sites) was 6.375 m2 
and 8.625 m2, respectively. In contrast, the total area sampled along the shoreline (five 1 
m2 holes at each of 12 beaches) was 60 m2, a 7 to 9-fold greater area than in mud and 
mud-gravel. This influenced the number of each species collected and the calculated 
density. The density of butter clams in mud-gravel (6.26 m-2) was 2.5-fold greater than 
in mud (2.51 m-2) and 3.0-fold greater than along the shoreline (2.1 m-2) (Table 2.7). In 
contrast, the density of stained macomas in mud (4.71 m-2) was 13.5-fold greater than in 
mud-gravel (0.35 m-2) and 12.7-fold greater than along the shoreline (0.37 m-2). 
Similarly, the density of bent nose macomas in mud (1.41 m-2) was 28-fold greater than 
along the shoreline and did not occur in mud-gravel. Black lampshells occurred 
exclusively in mud-gravel and had a density of 1.86 m-2. Softshell clams occurred mostly 
along the shoreline and had a density of 1.33 m-2. Likewise, the Astarte sp. occurred 
exclusively along the shoreline and had a density of 2.43 m-2. All other species had 
densities of < 1 m-2. The density of edible (> 10 mm in length) blue mussels along the 
rocky shoreline was not estimated, but intertidal rocky substrate with blue mussels was 
much less than the 1.4% of the total area of the bay represented by the intertidal 
shoreline.    
 
Biomass of bivalves 
The total calculated biomass of each species in mud, mud-gravel and along the 
shoreline is the product of average species density, the area of each habitat and the 
average tissue mass of each species (Tables 2.4 and 2.7). Since mud represented 33.1% 
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and mud-gravel 45.1% of the total area, these two habitats contained most of the bivalve 
biomass. In contrast, the shoreline was only 1.4% of the total area, so it represented a 
small part to the total biomass for all species even though it had relatively high densities 
of butter clams and Astarte sp.  
The sum of the biomasses for all species in the three habitats was 9.27 x 105 kg 
(Table 2.7). Butter clams (5.47 x 105 kg) represented 59% of the total biomass of which 
76% occurred in mud-gravel, 22% in mud and 1% along the shoreline. Stained macomas 
(1.13 x 105 kg) represented 12% of the total biomass of which 91% occurred in mud and 
9% in mud-gravel. Black lampshells (8.43 x 104 kg) were 9% of the total biomass of 
which 100% occurred in mud-gravel. Together, these three species represented 80% of 
the total biomass of macroinvertebrates sampled. The combined biomass (17.6 x 104 kg) 
of hairy cockles, broad yoldia, bent nose macomas, smooth cockles, false jingles, reddish 
scallops and Nuttall cockles represented 18% of the total, most of which occurred in 
areas of mud-gravel except for the broad yoldia and bent nose macoma which occurred 
in mud or mud-gravel. The combined biomass of the remaining species (softshell clam, 
blue mussel, little neck clam and Astarte sp.) was < 1% of the total.  
 
Discussion 
Geological history and sedimentology of the seafloor and shoreline  
The bedrock geology of Simpson Bay consists primarily of nearly vertically 
dipping black shales and conglomerates, primarily of deep-sea turbiditic fan origin that 
are part of the Paleocene and Eocene Orca Group (Farmer et al., 1993; Lethcoe, 1990). 
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These shales generally have well developed fissility (parting along bedding planes), 
conjugate joints (fractures aligned with and perpendicular to the regional horizontal 
compressive stress field) and are easily fractured (Dellapenna unpub. obs). Consequently, 
the gravely beaches around the bay consist primarily of shale and conglomeritic clasts 
sourced from the proximal Orca Group outcrops.  The Holocene geology of Simpson Bay 
was dominated by alternating periods of glaciation and deglaciation (Noll et al., 2009). 
As a result, Simpson Bay consists of sub-basins of fine sediment (mud composed of silt 
and clay generated by mechanical grinding of bedrock by glacial erosion) and areas with 
a higher sand and gravel content (mud-gravel) that were created as glaciers retreated, 
leaving behind recessional moraines.  
Noll et al. (2009) divided Simpson Bay into three morphologically distinct areas, 
each with specific watershed and basin properties (Fig. 2.1). East Bay is separated from 
West and North Bays by a high promontory that descends in a southwesterly direction to 
a rocky outcrop and low-relief morainal bank at the mouth of the bay (Fig. 2.2). The 
shoreline of East Bay transitions from bedrock to diamicton and then to estuarine mud in 
the deeper, central areas of the bay. At the head of East Bay, glacial diamicton and two 
small islands form a shallow plateau. Raging Creek and Rogue Creek empty into the 
northern end of East Bay. 
In West Bay, the seafloor is composed of bedrock and diamicton with estuarine 
mud deposits in subsurface depressions in the central and eastern areas. The plateau in 
the northwest corner transitions from bedrock to a morainal bank, but estuarine mud can 
be found overlying parts of diamicton and bedrock facies. Along the shoreline, low 
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relief, rocky promontories and submerged reefs consisting of the nearly vertically 
dipping Orca group shales extend into the bay on the eastern side. Most of the shoreline 
is terraced mud-gravel or rock with small pocket beaches separated by rocking 
headlands also composed of nearly vertically dipping Orca group shales.     
  North Bay is much narrower than West Bay, and the transition is delineated by a 
diamicton morainal bank surrounded by coarse-grained sediments. Estuarine mud (no 
diamicton) occurs in the deeper, central and northern areas of North Bay up to a muddy 
delta formed by Simpson Creek. This delta, which is exposed at low tide, has an outcrop 
on the east side and rocky islands on the west side. The shoreline is composed of mostly 
terraced or rocky beach and small pocket beaches separated by rocking headlands also 
composed of nearly vertically dipping shales.   
Overall, the seafloor of Simpson Bay is composed of 33.1% mud, 45.1% mud-
gravel and 21.8% rocky substrate (Fig. 2.2; Noll et al., 2009; Gilksinson et al., 2011). 
Ignoring rocky substrate, 64% of the seafloor suitable for bivalves is mud-gravel and 
36% is mud. There is little difference in the soft sediment composition (silt and clay) of 
mud and mud-gravel (Table 2.2). However, mud-gravel has 5-fold more sand and gravel 
than mud. The mud-gravel areas are either associated with glacial moraines or are 
proximal to rock promontories, rocky shorelines, or submarine outcrops.  The average 
sediment deposition rate is 1 cm yr-1 in North Bay, 0.4 cm yr-1 in West Bay and 0.5 cm 
yr-1 in East Bay (Noll, 2005; Noll et al., 2009). 
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Preferred habitat of bivalves 
In our study, the box core penetrated sediments to a mean depth of 29 ± 4.50 s.d. 
cm in mud and 15± 3.80 s.d. cm in mud-gravel, and the beach surveys were excavated to 
a depth of ~20 cm. Therefore, we likely sampled most of the bivalves present. Large 
butter clams can burrow as deep as 30 cm, but those that were recovered in this study 
(31 mm in length) were half the size of the maximum of 76 mm (Dethier, 2006), so they 
may have occurred at a shallower depth in the sediment. Littleneck clams occur at depths 
of 15-20 cm of the sediments (Paul & Feder, 1973; Dethier, 2006) and cockles at depths 
of 2-5 cm (Paul & Feder, 1973; Lazo 2004). Soft-shelled macomas occur at sediment 
depths of 10-15 cm, (Blundon & Kennedy, 1982). However, larger soft-shelled clams 
can burry as deep as 25 cm to avoid predation but at the cost of feeding efficiency 
(Blundon & Kennedy, 1982). On average, otter pits along the shoreline are not deeper 
than ~15 cm (R. Davis unpub. obs.), so our sediment sampling depths mimicked those of 
foraging sea otters. Nevertheless, the results from our sampling protocol should be 
considered minimum estimates. 
Overall, the hard-shelled bivalves (butter clams, black lampshell, hairy cockle, 
smooth cockle, Nuttall cockle) and epibenthic bivalves (red scallop, false jingle and blue 
mussel) were found in or above mud-gravel sediments (or along the shoreline) and were 
specifically correlated with the gravel and sand components (Fig. 2.5; Table 2.6). 
Nevertheless, some hard-shelled bivalves (butter clam, hairy cockle and smooth cockle) 
also occurred in mud, which may reflect a broad habitat preference or heterogeneity in 
our sediment map. The stained macoma and bent-nose macoma occurred primarily in 
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mud and were specifically correlated with silt. Few or none of these two species 
occurred in mud-gravel. However, the broad yoldia, which ostensibly is a soft-shelled 
clam, was found with nearly equal abundance in both sediment types. The little neck 
clam and Astarte sp. occurred only along the shoreline, which had a very high gravel and 
sand composition (74% and 12%, respectively; Table 2.3). Of the three species of soft-
shelled clams, only the invasive softshell clam occurred on the beaches and not in high 
abundance. 
Based on the distribution of the two benthic sediment types, soft-shelled clams 
occurred towards the centers of the three bays in mud while hard-shelled clams occurred 
along the perimeter including the intertidal which was predominately gravel and sand 
(Fig. 2.1). The same has been described in other areas in the North Pacific. Truncate 
softshell clams (Mya truncata) are found intertidally and range from the Beaufort Sea to 
Neah Bay, Washington and inhabit sand-mud substrate (Bodkin et al., 2001). The 
softshell clams are found intertidally and range from Icy Cape, Alaska to central 
California and inhabit sandy and muddy substrate (Bodkin et al., 2001).  In southeastern 
Alaska, Prince William Sound, Kodiak Island and within bays in the Yukon-Kuskokwim 
Delta, softshell clams are abundant in muddy sediments (Hines and Ruiz, 2001). 
However, Simpson Bay has very few areas (<1% of the area) of muddy shoreline, and 
none had broken shells on the surface indicating the presence of bivalves. Hard-shelled 
clams, such as butter clams range, from the southern Bering Sea to central California and 
inhabit mixed substrates (sand-mud-gravel) (Kvitek et al., 1988; Bodkin et al., 2001).  
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Abundance and biomass of bivalves 
In terms of total biomass, butter clams were the predominate bivalve in Simpson 
Bay followed by stained macomas (Table 2.7). Together, these two species represented 
71% of the total bivalve biomass that could be preyed on by sea otters. The shells of 
otter-predated butter clams and other bivalves are commonly found along the beaches 
and typically have one broken valve and one intact valve joined at the hinge (Fig. 2.6). 
This combination of a broken and intact valve results from the way sea otters break open 
a clam by placing it in the back of the mouth over the upper and lower rounded 
(bunodont dentition) premolars and molars and biting down with a force of up to 554 
Newtons (125 pounds) sufficient to crack one valve (Timm, 2013). The cracked valve is 
discarded, and the otter then opens the clam at the hinge and scoops out the flesh with its 
lower incisors and canines. This is also true for hard-shelled littleneck clams, hairy 
cockles, smooth cockles and Nuttall cockles, although they are much less common and 
represent <9% if total bivalve biomass. The discarded shells of otter-predated hard-
shelled clams are distinctive from those that have died from other causes (e.g., sea star 
predation), which are either a solitary intact valve or two intact valves joined with a 
hinge.  
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Fig. 2.6. Butter clams with two, intact hinged valves (a) and with one broken valve 
resulting from sea otter predation (b). Nuttall cockles with two, intact hinged valves (c) 
and with one broken valve resulting from sea otter predation (d). 
 
In contrast, the soft shells of otter-predated stained macomas are shattered into 
many pieces and accumulate in muddy areas of Simpson Bay (Fig 2.3b). This is also true 
for the less common broad yoldia, bent nose macoma, reddish scallop and softshell clam 
that together represent <9% of the bivalve biomass. Blue mussels are consumed whole 
and are broken into tiny pieces during mastication. Sea otters that feed primarily on 
mussels in boat harbors and then haulout on walkways sometimes leave scat that is a 
perfect sculpture of broken mussel shells with little organic material. The soft shells of 
Astarte sp. are rarely found on the beaches and are probably consumed whole. 
  Although black lamp shells represented 9% of the total biomass, it is uncertain 
whether sea otters prey on this species. Their relatively small size and black coloration 
make them difficult to identify with binoculars when otters are feeding at the surface, 
and they could easily be mistaken for blue mussels. In addition, they are probably 
consumed whole similar to blue mussels, so their shells would not be found along the 
beaches like butter and littleneck clams. False jingles represent <2% the diet of sea otters 
a 
b 
c 
d 
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in Simpson Bay and appear to be consumed in proportion to their biomass (2%) in the 
bay, although the technique that otters use to pry them off rocks has never been 
observed. From here on, we have placed black lamp shells, mussels and false jingles in 
the 25% of prey that is not recognizable as white-shelled bivalves. 
 
Sea otter predation on bivalves 
In Simpson Bay, 75% of sea otter prey is white-shelled bivalves (Wolt et al., 
2012), which is similar to the percentage (71%) of bivalves represented by butter clams 
and stained macomas. These two species and the less common hard-shelled cockles and 
softshell clam represent 85% of the total bivalve biomass, although they cannot be 
reliably distinguished by species using binoculars while sea otters are feeding at the 
surface. However, the most common two bivalves (butter clams and stained macomas) 
probably constitute the majority of ingested white-shelled bivalves based on their 
prevalence. 
Based on the location of feeding behavior in Simpson Bay (Gilkinson et al., 
2011) and ignoring rocky areas, sea otters spent 60% of their time foraging in mud-
gravel and 40% in mud (Fig. 2.7).  Ignoring black lamp shells which have never been 
identified in the otter’s diet, 64% of bivalve biomass (785,730 kg based on the butter 
clam, stained macoma, hairy cockle, broad yoldia, bent nose macoma and smooth 
cockle) occurred in mud-gravel and 36% in mud (Table 2.7). Hence, otters appear to 
feed on white-shelled bivalves in proportion to their presence in the two benthic 
sediment types. The combined numerical density of these six bivalves in mud (9.9 m-2) 
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was 15% greater than in mud-gravel (8.6 m-2). However, the mass density (based on soft 
tissue mass) in mud-gravel (56.6 g m-2) was 1.3-fold greater than in mud (40.5 g m-2) 
primarily due to the higher abundance of butter clams whose average individual mass 
was 2-fold greater than the average masses of the other bivalve species (Tables 2.4 and 
2.7). The overall average numerical and mass densities of clams for the entire bay were 
9.1 clams m-2 and 47.5 g m-2 adjusted for their relative occurrence in the two sediment 
types, respectively. These densities were similar to those in areas around Kodiak Island 
that have been occupied by sea otters for more than 25 years, with butter clams (~30 mm 
in length) being the primary prey (Kvitek et al., 1992). At this clam density, sea otters 
are 87% successful in obtaining prey during foraging dives in Simpson Bay (Wolt et al., 
2012).  
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Fig. 2.7.  Map showing areas of mud (brown), mud/gravel (yellow) and rocky reef 
(black) based on sediment samples and side scan sonar (Noll et al., 2009; Gilkinson et 
al., 2011). Red circles show sea otter feeding locations modified from Gilkinson (2011).  
 
Although mussels may be an important dietary component for sea otters in some 
areas (e.g., Green Island, Prince William Sound: Estes et al. 1981), they represent only 
9% of the diet in Simpson Bay (Wolt et al., 2012). Intertidal, edible mussels (> 10 mm in 
length) are small (average length = 25 mm ± 5.32 s.d., average fresh mass = 0.52 g, n = 
450; R. Davis unpub. obs.), and their occurrence along the shoreline is much less than 
the 1.4% of the total area of Simpson Bay. Hence, their contribution to bivalve biomass 
in Simpson Bay is small. 
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Estimated prey consumption by sea otters 
Since 2001, there have been an estimated 69 sea otters annually in Simpson Bay 
(updated from Wolt et al., 2012). Assuming an average daily metabolic rate of 6.3 W kg-
1 for a 20 kg adult sea otter and an average energy content of 3.42 MJ kg-1 for clams, 
otters would require 4.8 kg day-1 which represents 24% of their body mass (Appendix 1; 
Cortez et al., 2016b). However, white-shelled bivalves represent only 75% of the diet for 
sea otters in Simpson Bay, so they would consume 3.6 kg day-1 (viz. 4.8 kg day-1 x 0.75) 
(Wolt et al., 2012). Average annual consumption for 69 otters would be 90,666 kg of 
bivalves. The total mass of the major bivalves (butter clam, stained macoma, hairy 
cockle, broad yoldia, bent nose macoma and smooth cockle; Table 2.7) was 785,730 kg, 
so sea otters consume about 12% of the biomass of white-shelled bivalves in Simpson 
Bay annually. This, along with other prey species (e.g., blue mussel, Dungeness crab, 
reddish scallop, orange sea cucumber, North Pacific giant octopus) representing the 
other 25% of prey species consumed (Wolt et al., 2012), has been sufficient to sustain a 
stable population of sea otters with an average annual density of ca. 3.3 adult otters km−2 
for the past seventeen years and probably longer. In comparison, the equilibrium density 
of sea otters in Washington State in rocky habitat to a depth of 30 m is estimated to be 
2.4 otters km−2 (Laidre et al., 2002). In California, the average equilibrium densities 
were 5.12 otters km−2 in rocky habitat to a depth the 40 m depth, 1.07 otters km−2 in 
sandy habitats, and 0.78 otters km−2 in mixed habitat (Laidre et al., 2001). The amount 
of time that sea otters in Simpson Bay spend foraging depends on sex and the age of 
pups for lactating females. Territorial males and females with pups 4-8 weeks in age 
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spend ~14% of their time foraging, but this can increase to 32% for females with pups 8-
12 weeks in age (Finerty et al., 2009; Cortez et al., 2016a). Sea otters in the Aleutian 
Islands, Alaska, and Oregon spend 15-20% of their time foraging when populations are 
below equilibrium density and 50-55% foraging when populations are at equilibrium 
density (Estes et al., 1986). Hence, Simpson Bay, which is a small part of Prince 
William Sound, may be approaching but not yet at the equilibrium density of otters that 
can be sustained by the annual production of bivalves, which are their primary prey. 
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CHAPTER III 
SEASONAL AND ANNUAL CARBON AND ENERGY FLOW IN SIMPSON BAY, 
ALASKA 
Introduction 
Carbon is the building block for all life on Earth, and as such, it theoretically can 
be the basis for mapping mass flow through food webs. Autotrophic marine organisms 
convert carbon from CO2 into organic molecules in the eutrophic zone of the ocean, and 
then a portion of that carbon makes its way into deeper waters and eventually is stored in 
rocks and sediment (Azam, 1998; Sigman & Haug, 2006; Benson & Orr, 2008).  Carbon 
is also incorporated into marine organisms as organic matter. When organisms die, their 
remains are oxidized to CO2 or sequestered in seafloor sediments. Carbon circulates 
around the planet, with parts of the cycle storing carbon for varying lengths of time and 
others that move carbon from one source to another. The main pools of marine carbon 
are dissolved inorganic carbon (DIC), dissolved organic carbon (DOC), and particulate 
carbon (PC), which includes particulate organic carbon (POC) and particulate inorganic 
carbon (PIC).  There are three main pumps responsible for moving carbon from the 
atmosphere into the oceans: solubility pump, carbonate pump, and biological pump 
(Longhurst et al., 1989; Holligan & Robertson, 1996; Holligan et al., 1996; Falkowski et 
al., 2000; Ito & Follows, 2003; Honjo et al., 2008; Mcleod et al., 2011).  Atmospheric 
CO2 dissolves into the surface of the oceans.  The oceans store the largest pool of carbon 
on earth as DIC (Emerson, 2008; Jiao et al., 2010).  Bicarbonate (HCO3
-), carbonate 
(CO3
2-), and carbon dioxide (CO2) are the primary constituents of oceanic DIC.  
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Atmospheric CO2 reacts with water to form carbonic acid (H2CO3).  Carbonic acid 
(H2CO3) then immediately dissociates to form bicarbonate (HCO3
-) and H+ ions (Zeebe 
& Wolf-Gladrow, 2001).  DIC can be converted into PIC through precipitation of CaCO3 
or converted into POC through photosynthesis. PIC is the other form of inorganic carbon 
found in the ocean produced by surface marine organisms in the form of calcium 
carbonate in shells and tests (Mitchell et al., 2017). POC is exported from the surface of 
the ocean and transported through the biological pump or respired back into inorganic 
carbon (Kwon et al., 2009).   
The primary processes driving the carbon cycle within the ocean can also be 
broken down into abiotic and biotic processes. Abiotic processes (solubility, ventilation, 
transport), which contribute to the overall dissolved inorganic carbon pool, are derived 
primarily from atmospheric CO2. Biotic (photosynthesis, respiration, calcification) 
processes are driven by primary production and transformed throughout the various 
trophic levels. DIC is greater at oceanic depths, whereas surface waters are higher in 
organic carbon (Ducklow et al., 2001; Jiao et al., 2010). In surface waters, dissolved 
carbon is reduced by photosynthetic processes and the organic matter produced sinks to 
the depths. This produces a vertical gradient of carbon in the oceans. Through 
photosynthesis, phytoplankton take up DIC and use inorganic compounds to form 
carbonate shells and organic matter that are consumed by marine life through the food 
chain (Post et al., 1990). Some of the carbon produced sinks to the bottom of the ocean 
in the form of feces and dead organisms, where bacteria will decompose the material 
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through remineralization (Post et al., 1990). The process of transporting carbon from the 
surface to the ocean depths is also known as the biological pump. 
For the purpose of this chapter, and the resultant carbon model, I will focus 
primarily on the biological carbon pump. Carbon makes its way through the organic 
marine ecosystem through fixation by photosynthesizing organisms (Ridgwell, 2011).  
Phytoplankton, of all the primary producers, produce the highest influx of carbon into 
the marine ecosystem.  The biological pump is also responsible for cycling of calcium 
carbonate formed in shells of mollusks and plankton (Hain et al., 2014).        
Apex predators regulate populations of herbivores, which can enhance the 
diversity and productivity of plant populations (Hairston et al., 1960). Among marine 
carnivores, this has been widely recognized for sea otters reoccupying coastal areas 
(Estes & Palmisano, 1974; Simenstad et al., 1978; Duggins et al., 1989; Estes & 
Duggins, 1995; Estes et al., 1998; Watson & Estes, 2011; Hughes et al., 2013).  Sea 
otters directly affect coastal ecosystems by preying on herbivorous sea urchins.  In the 
absence of sea otters, sea urchin populations dramatically increase thereby reducing 
macroalgae growth and ultimately causing the collapse of the kelp community resulting 
in an “urchin barren” (Ebeling & Laur, 1988; Laur et al., 1988; Estes & Duggins, 1995).  
In the presence of sea otters, sea urchin populations are held in check thereby 
maintaining kelp forest communities (Estes et al., 1978; Duggins, 1980, Ebeling & Laur, 
1988; Estes & Duggins, 1995).   
Sea otters also have an indirect effect on an ecosystem by providing habitat for 
other species at multiple trophic levels.  For example, when sea otters reoccupied the 
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west coast of Vancouver Island, Canada, they reduced the red sea urchin 
(Strongylocentrotus franciscanus) population thus allowing kelp (Macrocystis pyrifera) 
to grow 3.7 times deeper and 18.8 times larger (Markel & Shurin, 2015). Rockfishes in 
areas where sea otters were present occupied a higher trophic level, which indicates that 
there are more links in the food web involving rockfishes.  Within this area, the isotopic 
composition of adult black (Sebastes melanops) and copper rockfish (S. caurinus) 
contained less carbon derived from kelp and instead contained a higher trophic level 
carbon content found in smaller fishes (Markel & Shurin, 2015). With the change in 
trophic level observed in adult rockfishes (due to the presence of sea otters), juveniles 
were able to shift from planktonic prey with lower carbon content to higher kelp-carbon 
content (Markel & Shurin, 2015).  This indicates that sea otter reintroduction has indirect 
effects on predator-prey interactions and can influence trophic level of other predators 
(Markel & Shurin, 2015). 
Primary production differs between pelagic and continental shelf ecosystems 
(Thomas & Strub, 2001).  However, there is a connection between the two due to 
advective currents (Mackas & Coyle, 2005) and animal movements (Beamish et al., 
2005), which is often complex and cannot be understood based solely on species 
distribution.  Changes in coastal upwellings and cross-shelf advection change the 
distribution of phytoplankton and zooplankton. For example, the northern California 
current produces changes in the productivity of the shelf and open pelagic waters 
seasonally (Miller et al., 2008). Offshore production is low between the months of May 
and September, but the coastal shelf shows high productivity during this time (Lentz, 
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1992). The differences between ecosystems provide distinct habitats for transitory 
species, such as zooplankton (Cross & Small, 1967), fishes (Brodeur et al., 2005), and 
birds (Veit et al., 1996). 
The carbon cycle is dependent on net primary production (Falkowski et al., 1998) 
that is available for higher trophic levels (Field et al., 1998). Phytoplankton, herbivorous 
zooplankton, and secondary consumers all contribute to carbon fluxes in a marine 
ecosystem (Linacre et al., 2012).  However, primary production and carbon cycling 
depend on the complex temporal variability of the trophic pathways (Linacre et al., 
2012; Legendre & Rassoulzadegan, 1996). Micro-herbivorous zooplankton (less than 
200 um) consume approximately 67% of phytoplankton production daily, leaving the 
remaining net production to be grazed on by mesozooplankton (Calbet & Landry, 2004). 
Approximately 23% of primary production grazing is from mesozooplankton, however 
this value can change significantly by system trophic level (Calbet, 2001). The 
difference between primary production and losses due to grazing by zooplankton largely 
explains the net daily change in phytoplankton biomass (Landry et al., 2009; Landry et 
al., 2011). 
The objective of this chapter was to model the trophic dynamics and carbon flow 
of Simpson Bay, Alaska, a shallow, turbid, outwash fjord with an area of 21 km2.  The 
model describes carbon fluxes starting with primary production (phytoplankton) and the 
subsequent utilization by a series of consumers, (i.e., zooplankton, infauna, large 
bivalves and sea otters) as well as deposition and export. Carbon was chosen as a tracer 
for the accumulation and fluxes of organic matter in the area because it is a good proxy 
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for biomass (Wijnbladh et al., 2006).  To characterize the annual carbon flux in Simpson 
Bay, I used a model of known carbon pools (shown as distinct boxes) with interrelated 
inflows and outflows (Newell et al., 1982; Jansson & Jansson, 1988; Heymans & Baird, 
2000; Kumbald & Kautsky, 2004). All processes were assumed to act on the entire mass 
(homogenous and well mixed) of each pool (Wijnbladh et al., 2006). This approach 
enabled me to estimate the biomass of pools as well as fluxes and inflows and outflows 
of carbon. This type of model is commonly used when quantitative data are not available 
for all of the variables (Wijnbladh et al., 2006).  Although this model is a simplification 
of carbon flux in Simpson Bay, it still provides useful insights for a system with four 
trophic levels and a dominate top predator, the sea otters. 
 
Materials and Methods 
Study Site 
  Simpson Bay (ca. 60.6o N, 145.9o W) is a shallow, turbid, outwash fjord located 
in northeastern Prince William Sound, Alaska, with an average water depth of 30 m 
(maximum depth 125 m) (Fig. 1). It is approximately 21 km2 in area: 7.5 km long in the 
northern and western bays, 5 km long in the eastern bay and 2.5 km wide at the entrance 
of the bay. This is a well-studied site for sea otter ecology because of its easy access, 
protection from rough seas, and continuous presence of sea otters for the past 40 years 
(Garshelis, 1983; Finerty et al., 2009; Finerty et al., 2010; Osterrieder & Davis, 2009; 
Osterrieder & Davis, 2011; Lee et al., 2010; Gilksinson et al., 2011; Wolt et al., 2012; 
Cortez et al. 2016a; Cortez et al., 2016b). It has also been the focus of research on 
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intertidal bivalves, biological oceanography, hydrography and geology (Nickerson, 
1977; Gay et al., 2001; Noll et al., 2009, Quigg et al., 2013), which has contributed to 
our understanding of the abiotic and biotic factors influencing the bays ecology. 
Simpson Bay has high (~2.27 m) but variable annual precipitation and a large 
watershed:basin surface area ratio (6:1) with alpine glaciers that primarily drain into the 
head of the North Bay (Noll, 2009; Gay & Vaughan, 2001). This influences the seasonal 
hydrography. Very high freshwater inflow peaks in October from both precipitation and 
glacial runoff resulting in warm (14° C), fresh (21 PSU) surface water and pronounced 
but variable stratification throughout the bay (Gay & Vaughan, 2001). Convective 
cooling and vertical mixing in the autumn create homogeneous temperature (~4° C) and 
salinity (31 PSU) conditions throughout the water column (maximum depth 80 m) in late 
autumn (December) and into late winter (March). Currents in Simpson Bay exhibit 
regional and seasonal variability, but generally conform to outflow during the ebb and 
inflow during the flood tides with a maximum tidal variation of ~5 m (Gay & Vaughan, 
2001). None of the large-bodied kelps (e.g., Nereocystis) that elsewhere form canopies 
are present in Simpson Bay, but large fronds of sugar (Laminaria saccharina), split 
(Laminaria bongardiana), and sieve (Agarum clathratum) kelp cover the seafloor in 
many areas of the bay from the subtidal to a depth of approximately 10 m (R. Davis, 
pers. obs.). 
After near extinction from the 19th century fur trade, Simpson Bay was re-
colonized by male sea otters in 1977, and females moved into the area in 1983 
(Garshelis, 1983; Rotterman & Simon-Jackson,1988; Van Blaricom, 1988). Since 2002, 
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this bay has been used during the summer (June-August) by an average of 133 + 23.9 sea 
otters including adults (98 + 13.5) and pups (35 + 10.9) giving an average minimum 
density of 6.3 otters km-2 (4.7 adult otters km-2) (Cortez et al., 2016b). During the winter, 
the number of otters in the bay decreases to ~60, although where they go is poorly 
understood (Wolt et al., 2012). The estimated average annual minimum number of adult 
otters in the bay is 70 with an average minimum density of 3.3 otters km-2. 
 
Model variables 
To model carbon flow in Simpson Bay, I created a seven-compartment model 
that represented carbon pools (standing stocks) connected by inflows and outflows. 
Carbon flow was modeled for the spring phytoplankton bloom (period of highest 
primary productivity), for the late winter (period of lowest primary productivity) and for 
an annual average. Some of the variables used in the models were measured, some were 
from previous studies and some were assumed as further specified below. 
Summer (Table 3.1 and Figure 3.1) 
     Compartment 1: Phytoplankton carbon 
A previous study in Simpson Bay during the late spring of 2007 and 2008 found 
an average Chl a concentration of 4.63 ug l-1 at 10 sampling stations spread throughout 
the bay (Quigg et al., 2013). Most of the Chl a occurred in the upper 15 m of the water 
column. A Chl:C ratio of 50 was used to convert from ug Chl a to ug carbons (Jacob et 
al., 1982; Quigg et al., 2013). The area of Simpson Bay is 21 km2. Factors of 1000 were 
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used to convert liters into cubic meters and ug into mg. The calculated standing stock of 
phytoplankton carbon was calculated as: 
4.63 ug Chl a l-1 x 50 ug C ug Chl a -1 x 1000 l m-3 x 15 m  1000 ug mg-1  
= 3473 mg C m2 
Input into this compartment was from primary productivity which was an integrated 
value from the same 10 sampling stations of 720 mg C d-1 m-2. Carbon output was 
assumed to be 30% (216 mg C d-1 m-2) due to zooplankton grazing (Welch et al., 1992), 
20% (144 mg C d-1 m-2) as dissolved organic carbon (DOC; Moran & Estrada, 2002) and 
the remaining 50% (360 mg C d-1 m-2) as particulate organic carbon (POC). 
     Compartment 2: Zooplankton carbon 
Zooplankton biomass was estimated from 54 zooplankton samples taken at two 
stations in Simpson Bay (one at the head of the north arm, one in the mouth) between 
2009 and 2017 (McKinstry & Campbell, in press).  Average concentration (ind m-3) of 
each plankton taxa was calculated, and wet mass for copepod species and stages were 
estimated using values reported by Coyle et al. (1990).  Wet mass for species that were 
not measured by Coyle et al. (1990) were estimated with values from other 
species/stages of similar size. Wet mass was converted to carbon mass using the 
relationship of Wiebe et al. (1975).  The carbon masses of other plankton taxa common 
to Simpson Bay (Evadne nordmanni, Limacina helicina and Oikopleura labradorensis) 
were estimated from literature values of carbon contents in similar species (Conover & 
Lalli, 1974; Lombard et al., 2009; Martinussen & Båmstedt 1995). This procedure 
resulted in an estimate of the carbon concentration of zooplankton in Simpson Bay of 
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79.6 mg C m-3, which compares favorably with other estimates Dahlsgaard and Pauly 
(1997), Cooney et al. (2001) and Eslinger et al. (2001). I assumed that Simpson Bay had 
an average depth of 30 m and that the water column was well mixed (Wolt et al., 2012). 
The calculated standing stock of zooplankton carbon was calculated as: 
     79.6 mg C m-3 x 30 m = 2388 mg C m-2 
Carbon entering the zooplankton compartment was calculated as 30% (216 mg C d-1 m-2) 
of the phytoplankton output (see calculations for Compartment 1; Welch et al., 1992). 
We assumed that 80% (173 mg C d-1 m-2) of the carbon output was due to zooplankton 
respiration and 20% (43 mg C d-1 m-2) due to fecal pellet formation. I did not incorporate 
any output due to the predation on zooplankton. 
     Compartment 3: Particulate organic carbon (POC) 
POC biomass (10,000 mg C m-2) was the mean from 9 sampling stations in 
Simpson Bay during the spring of 2008 and 2009 (McInnes et al., 2015). For carbon 
input into POC, 89% (360 mg C d-1 m-2) came from phytoplankton (see calculations for 
Compartment 1) and 11% (43 mg C d-1 m-2) from zooplankton fecal pellets (see 
calculations for Compartment 2). Of the carbon output. 9% (36 mg C d-1 m-2) was 
removed by the suspension feeding of large bivalves (> 1 cm in length) based on their 
biomass and measured carbon consumption (see calculations for Compartment 6), 8% 
(33 mg C d-1 m-2) by other sediment infauna suspension feeding (see calculations for 
Compartment 5), and 31% (125 mg C d-1 m-2) by measured sediment carbon deposition 
(see calculations for Compartment 4). We assumed that the remainder, 52% (209 mg C 
d-1 m-2) was exported from the bay. 
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    Compartment 4: Sediment organic carbon 
Total sediment organic carbon biomass in Simpson Bay was calculated from the 
measured rate of average sediment deposition in Simpson Bay (0.6 cm yr-1) and the 
organic carbon content of dry sediments (1%) (Noll et al., 2009; Dellapenna pers. com). 
We assumed that the sediment consisted of 30% dry material, sediment depth was 0.6 
cm (i.e., one year of accumulation), a dry sediment density of 2,650 mg cm-3 (i.e., the 
density of quartz) and a conversion factor 1 x 106 cm3 per m3. The pool of sediment 
carbon was calculated as:  
     0.006 m x 0.3 x 2650 mg cm-3 x 1,000,000 cm-3 m-3 x 0.01 = 48000 mg C m-2 
The average accumulation of organic carbon was calculated as: 
0.006 m yr-1 x 0.3 x 2650 mg cm-3 x 1,000,000 cm-3 m-3 x 0.01 365 d yr-1  
=131 mg C m-2 d-1 
Sediment organic carbon input was 5% (5.9 mg C d-1 m-2) from bivalve feces (see 
calculations for Compartment 6) and 0.02% (0.3 mg C d-1 m-2) from sea otter feces (see 
calculations for Compartment 7). We assumed that the remaining 95%  
(125 mg C d-1 m-2) came from POC.  
   Compartment 5: Sediment infauna other than large (> 1 cm in length) bivalves 
Total sediment infauna wet biomass based on seafloor samples from Simpson 
Bay was 31.2 g m-2 (Nunnally pers. com.). The conversion factor for infauna wet mass to 
carbon mass is 0.05 (Rowe 1983).  Hence, the carbon mass due to infauna is: 
31.2 g m-2 x 0.05 x 1000 mg g-1 = 1560 mg C m-2       
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 Sediment infauna carbon input was estimated indirectly by comparing the infauna mass 
in Simpson Bay with an extrapolation of infauna oxygen consumption in two bays in 
Spitsbergen (Kotwicki et al., 2017), in the Bering Sea straits (Grebmeier & McRoy, 
1989) and in the open continental shelf of the Bering Sea (Rowe & Phoel, 1992). The 
estimated oxygen consumption for an infauna mass of 31.2 g m-2 was 0.267 mmol O2 hr
-
1 m-2 or 6.4 mmol O2 d
-1 m-2. I assumed a mixed oxidation of carbohydrate, lipids and 
amino acids in their POC diet with a respiratory quotient (RQ) of 0.85 (viz. 1 mol O2 
consumed per 0.85 mol CO2 produced). Therefore, the amount of CO2 and carbon 
produced by infauna respiration was: 
6.4 mmol O2 d
-1 m-2 x 0.85 = 5.4 mmol CO2 d
-1 m-2 = 5.4 mmol C d
-1 m-2.  
I assumed that the molecular weight for carbon is 12 mg mmol-1, so the amount of 
infauna carbon input was calculated as: 
 5.4 mmol C d
-1 m-2 x 12 mg mmol-1 = 65 mg C d-1 m-2 
I assumed that half (33 mg C d-1 m-2) of the input came from POC suspension feeding 
and half from deposit feeding. I also assumed that 100% of infauna carbon output was 
due to the respiration.  
     Compartment 6: Large (> 1 cm in length) bivalves 
Total bivalve organic carbon mass was based on a measured mass of 785,730 kg 
(see Chapter 2). The tissue of bivalves is 18.3% dry matter (Cortez et al., 2016b). I 
assumed that dry organic matter is 40% carbon and used a conversion of 106 mg kg-1. 
The surface area of Simpson Bay is 21 km2. The calculated standing stock of bivalve 
carbon was calculated as: 
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     785730 kg x 1 x 106 mg kg-1 x 0. 183 x 0.4  21 x 106 m2 = 2739 mg C m-2 
I assumed that adult bivalve carbon input was equivalent to their respiration rate, which I 
estimated based on the measured oxygen consumption of softshell clams (Mya arenaria) 
(Grant and Thorpe, 1991). At 7° C, the respiration rate for an adult softshell clam 
(average length = 58.4 mm) with a dry mass of 1,257 mg was 27 umol O2 hr
-1. I assumed 
a mixed oxidation of carbohydrate, lipids and amino acids in their POC diet with a 
respiratory quotient (RQ) of 0.85. Therefore, the amount of CO2 produced in bivalve 
respiration was calculated as: 
0.27 umol O2 hr
-1 x 0.85 = 23 umol CO2 hr
-1 = 23 umol C hr-1 
Assuming the molecular weight for carbon is 12 ug umol-1, then 23 umol C hr-1 is 
equivalent to 276 ug C hr-1 or 6,624 ug C d-1. Assuming that dry organic matter is 40% 
carbon, then 1,257 mg dry bivalve tissue in one adult softshell calm is equivalent to 503 
mg C. The clam mass density in Simpson Bay is 2,739 mg C m-2 (see Chapter 2). The 
mass specific bivalve respiration per square meter of Simpson Bay was calculated as: 
     6624 mg C d-1  503 mg C x 2739 mg C m-2 = 36 mg C d-1 m-2 
Bivalve carbon output was 3% (1.23 mg C d-1 m-2) due to sea otter predation (see 
calculations for Compartment 7). I assumed that 80% (29 mg C d-1 m-2) was due to 
respiration and the remaining 17% (5.9 mg C d-1 m-2) was feces.  
     Compartment 7: Sea otters 
Total sea otter carbon mass was calculated for 98 adult animals based on the 
mean summer census from 2002-2017 (updated from Wolt et al., 2012). I assumed that 
the mean body mass was 20 kg, that the body was 38% dry tissue and that 40% of the 
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dry tissue was carbon. The surface area of Simpson Bay is 21 km2. I used a conversion 
factor of 106 mg kg-1. Therefore, the total sea otter carbon mass was calculated as: 
     98 otters x 20 kg otter-1 x 0.38 x 0.4 x 106  21 x 106 m2 = 14 mg C m-2 
Carbon input for 98 sea otters was calculated based on the consumption of 4.8 kg of 
invertebrates per day of which 75% are bivalves and 25% are other prey (Wolt et al., 
2012; Cortez et al., 2016b). I assumed that the invertebrates were 18.3% dry matter 
(Cortez et al. 2016b) and that 40% of the dry matter was carbon. The surface area of 
Simpson Bay is 21 km2. I used a conversion factor of 1,000 mg kg-1. Hence, the amount 
of carbon input as bivalves was calculated as:  
98 otter x 4.8 kg otter-1d-1 x 0.75 x 0.183 x 0.4 x 106 mg kg-1  21 x 106 
=1.23 mg C d-1 m-2 
For the other invertebrates, the amount of carbon input was calculated as:    
98 otter x 4.8 kg otter-1d-1 x 0.25 x 0.183 x 0.4 x 106 mg kg-1  21 x 106  
=0.41 mg C d-1 m-2 
 For carbon output, I assumed that 82% (1.34 mg C d-1 m-2) was due to respiration and 
18% (0.3 mg C d-1 m-2) was lost as feces (Costa & Kooyman, 1984). 
 
Winter (Table 3.2 and Figure 3.2) 
     Compartment 1: Phytoplankton carbon 
          I assumed that primary productivity was negligible due to reduced sunlight (< 5 hr 
d-1), low sun angle (5° of elevation at noon on December 21) and low (3-6° C) water 
temperatures. On average, the Simpson Bay area (Cordova) is mostly cloudy or overcast 
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76% of the time (https://weatherspark.com/y/277/Average-Weather-in-Cordova-Alaska-
United-States-Year-Round). 
     Compartment 2: Zooplankton carbon 
I assumed that the standing stock of zooplankton was less than the summer peak 
of 2,388 mg C m-2, but I had no late-winter data. I also assumed that zooplankton enter 
diapause during the winter when water temperatures are 3-6° C and primary productivity 
is negligible, so input and output rates were also negligible.  
     Compartment 3: Particulate organic carbon (POC) 
I assumed that the peak POC biomass (10,000 mg C m-2) in the summer that 
declined due to negligible levels of input from phytoplankton and zooplankton feeding. I 
assumed sediment organic carbon deposition (128 mg C d-1 m-2) and export (186 mg C d-
1 m-2) were the similar to summer levels. The remaining output was due to bivalve (18 
mg C d-1 m-2) and sediment infauna feeding (16 mg C d-1 m-2) (see calculations for 
Compartments 6 and 7, respectively). 
    Compartment 4: Sediment organic carbon 
I assumed that total sediment organic carbon mass (48,000 mg C m-2) and 
sediment organic carbon input (128 mg C d-1 m-2) from POC were similar to summer 
levels (see calculations for Compartments 3). The remaining input of carbon was from 
bivalve (2.9 mg C d-1 m-2) and sea otter (0.18 mg C d-1 m-2) feces (see calculations for 
Compartment 6 and 7, respectively). Carbon output was 16 mg C d-1 m-2 due to infauna 
consumption (see calculations for Compartment 5) and the remaining (115 mg C d-1 m-2) 
was assumed to be lost to long-term burial.      
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     Compartment 5: Sediment infauna other than large (> 1 cm in length) bivalves 
I assumed that total sediment infauna carbon mass was 1,560 mg C m-2 similar to 
the summer. I assumed that infauna carbon input decreased 50% from summer levels 
due to the Q10 effect for a 10°C decrease in water temperature from summer (13°C) to 
winter (3°C) (viz. 66 mg C d-1 m-2 x 0.5 = 33 mg C d-1 m-2). I assumed that half of the 
input (16 mg C d-1 m-2) came from POC suspension feeding and half (16 mg C d-1 m-2) 
came from deposit feeding. I assumed that all carbon output (32 mg C d-1 m-2) was due 
to infauna respiration.    
     Compartment 6: Large (> 1 cm in length) bivalves 
  I assumed that the total carbon mass of large bivalves (2,739 mg C m-2) was 
similar to that during the summer. I assumed that large bivalve carbon input decreased 
50% from summer levels due to the Q10 effect for a 10°C decrease in water temperature 
from summer (13°C) to winter (3°C) (viz. 36 mg C d-1 m-2 x 0.5 = 18 mg C d-1 m-2). 
Bivalve carbon output was 0.75 mg C d-1 m-2 due predation by sea otters (see 
calculations for Compartment 7), less than during the summer when there was an 
average of 98 otters. I assumed that 80% of the carbon output was due to respiration and 
16% as feces. 
     Compartment 7: Sea otters 
Total sea otter carbon mass was calculated for 60 adult animals based on the 
mean summer census from 2002-2017 (updated from Wolt et al., 2012). I assumed that 
the mean body mass was 20 kg, that the body was 38% dry tissue and that 40% of the 
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dry tissue was carbon. The surface area of Simpson Bay is 12 km2. I used a conversion 
factor of 106 mg kg-1. Therefore, the total sea otter carbon mass was calculated as: 
     60 otters x 20 kg otter-1 x 0.38 x 0.4 x 106  21 x 106 m2 = 9 mg C m-2 
Carbon input for 60 sea otters was calculated based on the consumption of 4.8 kg d 
invertebrates per day of which 75% are bivalves and 25% are other prey. I assumed that 
the invertebrates were 18.3% dry matter (Cortez et al., 2016b) and that 40% of the dry 
matter was carbon. The surface area of Simpson Bay is 21 km2. I used a conversion 
factor of 1,000 mg kg-1. Hence, the amount of carbon input as bivalves was calculated 
as:  
60 otter x 4.8 kg otter-1d-1 x 0.75 x 0.183 x 0.4 x 106 mg kg-1  21 x 106 
=0.75 mg C d-1 m-2 
For the other invertebrates, the amount of carbon input was calculated as:    
60 otter x 4.8 kg otter-1d-1 x 0.25 x 0.183 x 0.4 x 106 mg kg-1  21 x 106  
=0.25 mg C d-1 m-2 
 For carbon output, I assumed that 82% (0.82 mg C d-1 m-2) was due to respiration and 
18% (0.18 mg C d-1 m-2) was lost as feces (Costa & Kooyman, 1984). 
 
Annual average (Table 3.3 and Figure 3.3) 
The average annual carbon standing stocks and input and output rates were the 
means of the summer and winter values but converted to g C m-2 for total mass and g C 
m-2 yr-1 for input and output rates. However, for bivalve standing stock, I reduced the 
value to reflect their consumption by sea otters during the winter when metabolism and 
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growth was assumed to be reduced by 50% from summer levels due to the Q10 effect for 
a 10°C decrease in water temperature from summer (13°C) to winter (3°C). 
 
Results 
  Simpson Bay has relative short carbon consumption and deposition pathways 
with one that has two levels (phytoplankton: zooplankton) and two with three levels 
(phytoplankton: POC: sediment infauna and phytoplankton: POC: sediment organic 
carbon). The longest pathway has four levels (phytoplankton: POC: bivalves: sea otters) 
and is the only one to include an upper trophic level predator. These short consumption 
and deposition pathways enabled the creation of a simple food web from some standing 
stocks (pools) and flow rates that were measured and some that were estimated or 
assumed. Most of the standing stocks for the summer were measured. Rates of inflow 
and outflow from the standing stocks that were measured or calculated from other data 
were drawn with solid arrows (Figs. 3.1, 3.2, 3.3). Those that were estimated or assumed 
based on published values were drawn with dashed arrows. Three models of carbon flow 
were made representing a single day during summer and late winter and an average for 
the entire year. These static models represent seasonal extremes and an annual average. 
As a result, they do not show the dynamic transitions between the seasons. However, 
these models are useful for identifying major components of the food web in Simpson 
Bay which is dominated by a spring bloom and has almost no productivity in the winter 
due to low water temperatures and diel light level.   
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Summer model 
Summer carbon standing stocks and daily input and output rates were estimated 
for a seven-component model with 98 adult sea otters (Fig. 3.1, Table 3.1). The 
integrated biomass of 3,473 mg C m-2 for phytoplankton was based on measurements 
made in Simpson Bay in the spring and summer of 2006 and 2008 (Quigg et al., 2013). 
That study observed a mean Chl a concentration of 4.63 ug l-1 from 10 sampling stations, 
and most of the Chl a was in the upper 15 m of the water column. The integrated 
primary productivity from the same study was calculated to be 720 mg C m-2 d-1 (Quigg 
et al., 2013). We assumed that 30% of the primary productivity was consumed by 
zooplankton, 50% became POC and 20% DOC. 
The mean standing stock of zooplankton was 2,388 mg C m-2 (Campbell pers. 
com.), and we assumed that all of the carbon input was from phytoplankton grazing 
while 80% of the carbon output was zooplankton respiration and 20% was feces. By far 
the largest water column carbon biomass was POC at 10,000 mg C m-2 of which 89% 
was assumed to come from phytoplankton as result of inefficient (messy) zooplankton 
grazing and 11% from zooplankton feces. Based on metabolic rate, we calculated that 
9% was consumed by bivalves (Grant & Thorpe, 1991) and 8% by sediment infauna 
feeding. We calculated that 31% was deposited in the sediments based on the measured 
organic carbon deposition rate and the remaining 52% was assumed to be exported out 
of the bay by currents. 
Sediment organic carbon had the largest overall biomass of 48,000 mg C m-2. 
Most (95%) of the carbon input was from POC while an estimated 5% was from bivalve 
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feces and < 1% from sea otter feces. We assumed that 33% of the output was from 
sediment infauna deposit feeding and 75% was long-term burial. 
  The mass of sediment infauna other than large bivalves (> 1 cm in length) was 
1,560 mg C m-2. About 50% of the carbon input was from POC suspension feeding and 
50% from sediment organic carbon deposit feeding. We assumed that all of the carbon 
was lost as CO2 due to infauna respiration. 
  The mass of large bivalves (> 1 cm in length) was 2,739 C m-2 based on benthic 
sampling (See Chapter 2). The calculated carbon input (based on measured bivalve 
respiration) from POC suspension feeding was 36 mg C d-1 m-2. I calculated that 3% of 
the carbon output from bivalves resulted from sea otter predation (See Chapter 2) and 
the remainder was lost due to respiration and feces.  
Sea otters are the upper trophic level predator in Simpson Bay, and their mean 
summer population is 98 adult animals. The carbon biomass of sea otters was 14 mg C 
m-2 (See Chapter 2). Based on prey preference, 75% of their carbon input came from 
bivalves and 25% from other prey (Wolt et al., 2012).  We assumed that all of the carbon 
output was lost as CO2 due to respiration and as feces. 
 
Winter model 
  We assumed that primary production during the winter was nearly zero (Fig. 3.2, 
Table 3.2). If carbon output from the phytoplankton standing stock due to zooplankton 
consumption, POC and dissolved organic carbon were to continue at summer levels, 
then the biomass of phytoplankton would be reduced to zero in five days. With regards 
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to zooplankton grazing, the large copepods go into diapause (due to a decrease in water 
temperature) for much of the winter, and the smaller ones near-surface (mostly 
Pseudocalanus) have lipid reserves that they use for energy metabolism. Hence, 
phytoplankton carbon output from zooplankton respiration and feces decreases to 
negligible levels as does the production of POC and dissolved organic carbon from 
phytoplankton.  
Carbon input and output by sediment infauna and large bivalves was reduced by 
50% due to a 10°C decrease in water temperature and an assumed Q10 effect. If the 
temperature effect is larger, then these carbon consumption rates could be lower due to 
diapause similar to zooplankton. The large standing stock (10,000 mg C m-2) of POC in 
the water column may circulate within the bay or be exported out of the bay. However, if 
export and deposition in the sediments were to continue at the summer rates, it would 
deplete the bay of POC in 32 days which is unlikely. Instead, export and deposition of 
POC probably slows as the amount decreases during the winter. 
During the winter, the number of sea otters in Simpson Bay decreases from 98 to 
about 60 adults, although where they disseminate is unknown. There are sufficient large 
bivalves to support this many sea otters for 10 years (viz. 2,739 mg C m-2 in bivalves  
0.75 mg C m-2 d-1 consumed by 60 sea otters  365 d yr-1). Hence, large bivalves are 
sufficiently abundant to sustain the otters through the winter even with reduced bivalve 
growth and reproduction. We assumed the 25% of invertebrate prey other than bivalve 
were also sufficiently abundant. 
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Annual model 
  Annual carbon standing stocks and rates of carbon input and output were 
estimated for 70 adult sea otters (Fig. 3.3, Table 3.3). For simplicity, we assumed that 
the standing stock of phytoplankton and carbon inputs and outputs were the means for 
summer (Fig. 3.1, Table 3.1) and winter (Fig. 3.2, Table 3.2) values. We also assumed 
that the biomass of zooplankton and sediment infauna were the same as summer values, 
but their carbon inputs and outputs were the mean values for summer and winter. The 
biomass of bivalves was assumed to equal the summer value minus the consumption by 
sea otters during the winter. POC and sediment organic carbon biomass were assumed to 
equal the summer values, but the carbon input and output rates were the means of the 
summer and winter values. 
 
Discussion 
Physiography and hydrology 
  Simpson Bay is a partially mixed, shallow, turbid, outwash fjord that is a small 
extension of Prince William Sound (Fig. 3.1; Chapter 2). As such, it is not self-contained 
but has an open-circulation with Prince William Sound. This consideration must be kept 
in mind with any attempt to model carbon flow. However, we assumed that many of the 
processes in Simpson Bay were similar in those throughout Prince William Sound, so 
focusing on Simpson Bay was convenient for sampling and modeling.   
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Summer carbon flow 
  Primary productivity in Prince William Sound typically peaks in April (spring 
bloom) and then decreases during the summer due to nutrient (primarily nitrogen) 
limitation. These high-latitude blooms constitute a substantial fraction of annual total 
productivity and result from wind and/or tidal induced mixing of nutrient-rich water 
(Eslinger et al., 2011) along with warming water temperature and increasing day length. 
Diatoms usually dominate the bloom with peak chlorophyll concentrations < 5 ug chl a l-
1 in the upper 10-15 m of the water column. This is true for Simpson Bay where the 
summer average integrated concentration is 4.63 ug chl a l-1 and the average productivity 
is 0.72 g C m-2 day-1 (Quigg et al., 2013). These values indicate an oligotrophic system 
similar to other parts of Prince William Sound (Goering et al., 1973; Ziemann et al., 
1991) with much less productivity than eutrophic waters (2-4 g C m-2 day-1) such as the 
western Bering Sea (Springer et al., 1991), Chesapeake Bay (Fisher et al., 1999) and 
parts of the Gulf of Mexico (Quigg et al., 2011). The carbon generated by the spring 
phytoplankton bloom becomes the primary food for zooplankton and a source of 
particulate organic carbon (POC) during the summer, which moves through the food 
chain to upper trophic level predators such as sea otters (Fig. 3-1, Table 3-1). We 
assumed that 30% of phytoplankton was consumed by zooplankton grazing, 50% 
became POC as a result of inefficient (messy) zooplankton grazing and 20% became 
DOC (Welch et al., 1992). 
  Zooplankton mass was estimated from zooplankton samples taken in Simpson 
Bay from 2009-17 (McKinstry and Campbell, in press).  This resulted in an estimated 
 
 78 
summer zooplankton carbon concentration in Simpson Bay of 79.6 mg C m-3 or 2,388 
mg C m-2 (Fig. 3.1, Table 3.1), which compares favorably with other estimates (range 
10.5 to 340 mg C m-3; Dahlsgaard & Pauly, 1997; Cooney et al., 2001; Eslinger et al., 
2001). Phytoplankton grazing accounted for all of the carbon input into zooplankton, and 
we assumed that 80% of this carbon outflow was due to respiration and 20% as feces. 
This may be an overestimate as zooplankton predation was not considered in this model. 
  POC was the second largest carbon pool at 10,000 g C m-2 with most (89%) 
arising from inefficient (messy) zooplankton grazing on phytoplankton and 11% from 
the zooplankton feces (Fig. 3.1, Table 3.1). We calculated bivalve respiration and 
feeding which accounted for 9% of POC outflow, while feeding by sediment infauna 
other than large bivalves accounted for 8% and sediment organic carbon deposition for 
31%. The remainder was assumed to be exported from the bay to balance the model. 
However, it may represent a large carbon pool that circulates in Prince William Sound 
for much of the year after the spring bloom. As a result, it represents a carbon reserve for 
bivalves and other sediment infauna. 
  Sediment organic carbon was the largest carbon pool, but it is only available as a 
food resource for deposit feeders such as some polychaetes. Most (95%) of the sediment 
organic carbon came from POC with smaller percentages from the feces of bivalves 
(5%) and sea otters (<1%). We estimated that most (25%) of the carbon outflow was due 
to the respiration of sediment infauna deposit feeders and the remainder (75%) resulted 
from long term burial. However, sediment organic carbon may also be a source of 
carbon for microbial communities that convert it to CO2 before long term burial. 
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Sediment infauna biomass other than large bivalves (>1 cm in length) was the 
smallest carbon pool (1,560 g C m-2) other than sea otters. Common species include 
polychaetes such as bamboo worms (family Maldanidae). I assumed that carbon input 
came equally from both POC and sediment organic carbon feeding and that all of the 
output was due to infauna respiration. 
The standing stock of bivalves (> 1 cm in length) was measured by sampling 40 
locations in Simpson Bay (see Chapter 2). As such, it is one of the most quantitative, 
trophic level variables in the model. The seafloor of Simpson Bay is 33.1% is mud, 
45.1% mud-gravel and 21.8% rocky substrate. Hard-shelled bivalves (butter clam, 
Nuttall cockle, smooth cockle and broad yoldia) and epibenthic bivalves (blue mussel, 
red scallop and false jingle) were positively correlated with mud-gravel. The opposite 
was true for the soft-shelled stained macoma and bent-nose macoma. The overall 
average numerical densities of clams for the entire bay was 9.1 clams m-2 (see Chapter 
2) similar to areas around Kodiak Island, Alaska that have been occupied by sea otters 
for more than 25 years (Kvitek et al., 1992). For all of Simpson Bay including the 
intertidal area, the estimated tissue biomass for all bivalve species >1 cm in length was 
9.27 x 105 kg of which butter clams and stained macomas represented 71%. This 
represents a carbon standing stock of 2,739 C m-2. POC input from feeding was 
calculated from softshell clam respiration measured under laboratory conditions. Outputs 
of carbon included calculated sea otter predation (3%), respiration (80%) and the 
remainder as feces. 
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  As a carbon pool, sea otters were the smallest representing only ~0.5% of the 
bivalve standing stock. Because there are no mammal-eating killer whales in eastern 
Prince William Sound, sea otters are the upper trophic level marine predator. The 
summer model was based on 98 adult sea otters from a 17-year average (see Chapter 2). 
This number of otters and their known metabolic rate and food consumption makes this 
carbon standing stock and the flows some of the most accurate values in the summer 
model. Sea otters are generalist feeders with a broad variety of prey ranging from small 
bivalves to the giant Pacific octopus, although individuals may specialize on certain prey 
(Kenyon, 1969; Tinker et al., 2007; Wolt et al., 2012). Because of their elevated 
metabolic rate and food consumption (24% of body mass in food daily), they have a 
significant top-down influence on megainvertebrates. Nevertheless, sea otter 
consumption of large bivalves represents only 3% of the carbon outflow in large 
bivalves. The outflow of carbon from sea otters was due to respiration (82%) and feces 
(18%). We did not include natural mortality as a source of carbon loss. Mortality is 
highest (60%; Monnett and Rotterman, 2000) in first year pups, then declines to less 
than 10% per year. 
  
Winter carbon flow 
  Simpson Bay is considered oligotrophic in the spring, but it is still the period of 
peak primary production. During the winter, water temperatures drop to 3-6° C and there 
is only 5.5 hr of daylight on the solstice, the sun elevation at noon on the winter solstice 
is 5°, and the area is mostly cloudy or overcast 75% of the time.  Hence, we assumed 
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that primary productivity at the beginning of winter is negligible (Fig. 3.2, Table 3.2). 
We also assumed that zooplankton went into diapause with negligible levels of 
metabolism and feeding. Without primary production and assuming zooplankton 
diapause, the inflow of carbon into POC also drops to negligible levels. However, the 
standing stock of POC carbon is so large that it may circulate throughout much of the 
winter, gradually settling out as sediment carbon over a period of months. However, 
there are no winter measurements of POC, so this part of the model is speculative. 
Zooplankton loss rate in Simpson Bay is also unknown but may be ~1% per day which 
would decrease the carbon standing stock to ~1000 mg C m-2 after 90 days (Campbell 
pers. com.). The number of sea otters that occupy Simpson Bay is based on only one or 
two counts between late August and late May during each of the past 17 years. As a 
result, it is less accurate, but appears to be around 60 adult otters, which represents a 
carbon standing stock of 9 mg m-2, 30% less than the mean summer value. However, the 
large carbon standing stock of bivalves is sufficient to support the otters throughout the 
winter with less than a 10% reduction. 
 
Annual carbon flow 
Annual carbon flows for the seven-compartment model was the average of daily 
values for spring and winter but calculated for the entire year (i.e., 365 days). As a result, 
the units increase by three orders of magnitude (i.e., mg C to g C). When the winter 
count of 60 sea otters was averaged with the more accurate summer count of 98 and 
adjusted for the number of months, the average annual number of adult sea otters in 
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Simpson Bay was 70. The carbon standing stock of sea otters was ~0.4% of the carbon 
standing stock of bivalves, and they consumed 12% of the bivalves annually. Although 
Simpson Bay is considered oligotrophic, it has sufficient primary production to support a 
bivalve community that in turn can support a sea otter density of ~3.3 adult otters km−2 
that has been stable for 17 years and probably longer. This density of sea otters may be 
at or close to equilibrium for Simpson Bay and is similar to range (2.4 to 5.1 otters km−2) 
for other areas including Washington State (Laidre et al., 2002), British Columbia (Gregr 
et al., 2008) and California (Laidre et al., 2001) depending on habitat type (rocky vs 
mixed and soft sediments).  
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Table 3.1. Carbon pools (mg C m-2) and daily fluxes (mg C m-2 d-1) in Simpson Bay, 
Alaska, in summer for 98 sea otters. 
 
  
Mass  
(mg C m-2) 
Input  
(mg C m-2 d-1) 
Output  
(mg C m-2 d-
1) 
Input & 
Output 
(%) 
1. Phytoplankton 3,473       
a. Primary production   720    100% 
b. Zooplankton grazing     216 30% 
c. Particulate organic carbon      360 50% 
d. Dissolved organic carbon     144 20% 
2. Zooplankton 2,388       
a. Phytoplankton grazing   216   100%  
b. Respiration     173 80% 
c. Feces     43 20% 
3. Particulate Organic Carbon 
(POC) 10,000       
a. Phytoplankton remains from 
grazing   360    89% 
b. Zooplankton feces   43   11%  
c. Bivalve feeding     36 9% 
d. Sediment infauna feeding     33 8% 
e. Sediment organic carbon 
deposition     125 31% 
f. Export from bay     209 52% 
4. Sediment organic carbon 48,000       
a. Particulate organic carbon    125    95% 
b. Bivalve feces   5.9   5%  
c. Sea otter feces   0.3   0.2%  
d. Sediment infauna deposit feeding     33 25% 
e. Long-term burial     98 75% 
5. Sediment Infauna 1,560       
a. POC suspension feeding    33    50% 
b. Sediment infauna deposit feeding   33    50% 
c. Respiration (except bivalves)     66 100% 
6. Bivalves 2,739       
a. POC suspension feeding   36    100% 
b. Sea otter predation     1.23 3% 
c. Respiration     29 80% 
d. Feces     5.9 17% 
7. Sea otters 14       
a. Predation on bivalve   1.23    75% 
b. Predation on other prey   0.41    25% 
c. Respiration     1.34 82% 
d. Feces     0.3 18% 
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Table 3.2. Carbon pools (mg C m-2) and daily fluxes (mg C m-2 d-1) in Simpson Bay, 
Alaska in winter for 60 sea otters. 
 
  
Mass  
(mg C m-
2) 
Input  
(mg C m-2 d-1) 
Output  
(mg C m-2 d-1) 
Input:Output 
(%) 
1. Phytoplankton 0       
a. Primary production   0     
b. Zooplankton grazing     0  
c. Particulate organic carbon      0  
d. Dissolved organic carbon     0  
2. Zooplankton 2,388       
a. Phytoplankton grazing   ~0     
b. Respiration     ~0  
c. Feces     ~0  
3. Particulate Organic Carbon 
(POC) 10,000       
a. Phytoplankton remains from 
grazing   ~0     
b. Zooplankton feces   ~0     
c. Bivalve feeding     18 5% 
d. Sediment infauna feeding     16 5% 
e. Sediment organic carbon 
deposition     128 37% 
f. Export     186 55% 
4. Sediment organic carbon 48,000       
a. Particulate organic carbon    128   98%  
b. Bivalve feces   2.9    <1% 
c. Sea otter feces   0.18    2% 
d. Sediment infauna deposit feeding     16 12% 
e. Long-term burial     115 88% 
5. Sediment Infauna 1300       
a. POC suspension feeding   16    50% 
b. Sediment infauna deposit feeding   16    50% 
c. Respiration (except bivalves)     32 100% 
6. Bivalves 2,739       
a. POC suspension feeding   18    100% 
b. Sea otter predation     0.75 4% 
c. Respiration     14 80% 
d. Feces     2.9 16% 
7. Sea otters 9       
a. Predation on bivalves   0.75   75%  
b. Predation on other prey   0.25    75% 
c. Respiration     0.82 82% 
d. Feces     0.18 18% 
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Table 3.3. Carbon pools (g C m-2) and annual fluxes (g C m-2 yr-1) in Simpson Bay, 
Alaska for 70 sea otters. 
 
  
Mass  
(g C m-2) 
Input  
(g C m-2 yr-1) 
Output  
(g C m-2 yr-1) 
 Input:Output 
(%) 
1. Phytoplankton 1.7       
a. Primary production   132   100%  
b. Zooplankton grazing     40 30% 
c. Particulate organic carbon      66 50% 
d. Dissolved organic carbon     26 20% 
2. Zooplankton 2.4       
a. Phytoplankton grazing   40    100% 
b. Respiration     32 80% 
c. Feces     8 20% 
3. Particulate Organic Carbon 10       
a. Phytoplankton remains from grazing   66   89%  
b. Zooplankton feces   8   11%  
c. Bivalve feeding     10 14% 
d. Sediment infauna feeding     9 12% 
e. Sediment organic carbon deposition     46 62% 
f. Export     7 12% 
4. Sediment organic carbon 48       
a. Particulate organic carbon    46    96% 
b. Bivalve feces   1.7    4% 
c. Sea otter feces   0.077    <1% 
d. Sediment infauna deposit feeding     9 19% 
e. Long-term burial     39 81% 
5. Sediment Infauna 1.3       
a. POC suspension feeding   9   50%  
b. Sediment infauna deposit feeding   9   50%  
c. Respiration (except bivalves)     18 100% 
6. Bivalves 2.6       
a. POC suspension feeding   10    100% 
b. Sea otters predation     0.32 3% 
c. Respiration     8 80% 
d. Feces     1.7 17% 
7. Sea otters 0.010       
a. Predation on bivalves   0.32   75%  
b. Predation on other prey   0.11   25%  
c. Respiration     0.35 82% 
d. Feces     0.077 18% 
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Fig. 3.1. Model of carbon pools and daily fluxes in Simpson Bay, Alaska in the summer 
for 98 sea otters. The primary pools of carbon (boxes; mg C m-2) are phytoplankton 
(Phyto), zooplankton (Zooplank), particulate organic carbon (POC), bivalves (> 1 cm in 
length), sea otters (adults and subadults), sediment infauna (Sed Infauna, except 
bivalves), sediment organic carbon (Sed OC). All fluxes are in mg C m-2 d-1. Carbon 
leaves the system through export out of the bay, respiration (CO2), dissolved carbon 
(DOC) and long-term burial. 
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Fig. 3.2. Model of carbon pools and daily fluxes in Simpson Bay, Alaska in the winter 
for 69 sea otters. The primary pools of carbon (boxes; mg C m-2) are phytoplankton 
(Phyto), zooplankton (Zooplank), particulate organic carbon (POC), bivalves (> 1 cm in 
length), sea otters (adults and subadults), sediment infauna (Sed Infauna, except 
bivalves), sediment organic carbon (Sed OC). All fluxes are in mg C m-2 d-1. Carbon 
leaves the system through export out of the bay, respiration (CO2), dissolved carbon 
(DOC) and long-term burial. The downward arrow indicates that the biomass in that 
component of the model is decreasing.  
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Fig. 3.3. Model of carbon pools and annual fluxes in Simpson Bay, Alaska. The primary 
pools of carbon (boxes; g C m-2) are phytoplankton (Phyto), zooplankton (Zooplank), 
particulate organic carbon (POC), bivalves (> 1 cm in length), sea otters (adults and 
subadults), sediment infauna (Sed Infauna, except bivalves), sediment organic carbon 
(Sed OC). All fluxes are in g C m-2 yr-1. Carbon leaves the system through export out of 
the bay, respiration (CO2), dissolved carbon (DOC) and long-term burial. 
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CHAPTER IV 
 
CONCLUSION 
 
 
 
Studies describing sea otter influence on epibenthic macroinvertebrates in rocky 
or soft sediments have focused on areas that have been recently reoccupied (Lowry & 
Pearse, 1973; Estes & Palmisano, 1974; Estes et al., 1978; Duggins, 1980; Hines & 
Pearse, 1982; Ostfeld, 1982). However, sea otters in Simpson Bay have been well-
established for nearly 40 years and the annual numbers have been stable for at least the 
past 16 years, indicating density equilibrium (Cortez et al., 2016a). Sea otters in this area 
feed on a wide variety of both hard and soft-bodied prey (e.g., clams, mussels, scallops, 
sea stars crabs, fat innkeeper worms, sea stars, shrimp), and the prey percentages have 
not changed since the early 1980s (Calkins, 1978; Garshelis, 1983; Doroff & Bodkin, 
1994; Garshelis et al., 1986; Wolt et al., 2012).  
Therefore, a major goal of this study was to measure the abundance and 
distribution of clams and other bivalves that were suitable prey for sea otters in a well-
established area, relative to habitat type and sea otter abundance. A stratified random 
sampling regime within the two sediment classes (mud and mud-gravel) was used for 
boat-based sampling data. Sediment and infauna were sampled with a Gomex Box Core. 
After the corer was brought to the surface, the sample was measured for penetration 
depth, homogenized and subsampled for sediment analysis, and processed by removing 
fine sediments and smaller organisms. Sediments were subsampled from each box core 
and percent grain size distribution was determined using a Malvern Mastersizer 2000. 
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Bivalves and sediments were also sampled from 12 beaches in the intertidal zone. The 
seafloor of Simpson Bay was calculated to be 21,000,000 m2 of which 33.1% was mud 
(6,957,300 m2), 45.1% (9,471,000 m2) was mud-gravel and 21.8% (4,571,700 m2) was 
rocky substrate. There were 32,445 m of intertidal shoreline suitable for bivalves with an 
average slope of 8° and a total area of 299,792 m2. Taken together, the intertidal 
shoreline suitable for bivalves was only 1.4% of the total area (21,299,792 m2) of the 
bay. Based on the average percent dry composition, benthic mud was composed 
primarily of clay (31%) and silt (66%) and with little sand (2%) and gravel (1%). 
Benthic mud-gravel was also composed primarily of clay (29%) and silt (57%) but 
contained more sand (10%) and gravel (5%). Compared with the benthic sediments, 
beach sediments were very different and composed primarily of gravel (74%) and sand 
(12%) with little silt (9%) and clay (5%). Twelve species of bivalves and a brachiopod 
were sampled on the seafloor and eight species along the shoreline. Variance partitioning 
of the explanatory effects for species abundance showed that the two types of benthic 
sediment (i.e., mud and mud-gravel) together with the arcsin proportion of each of the 
four sediment components (silt, mud, sand, gravel) explained 16.3% of the total adjusted 
variation. Hard-shelled bivalves (butter clams, Nuttall cockle, smooth cockle and broad 
yoldia) and epibenthic bivalves (blue mussel, red scallop and false jingle) were 
positively correlated with mud-gravel and specifically with the sand and gravel 
components and negatively correlated with mud and specifically with silt and clay. As a 
percentage of the total sample size (196), butter clams (34%) were the most abundant 
bivalve collected followed by the Astarte sp. (25%), softshell clam (14%), stained 
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macoma (10%) and littleneck clam (5%). Since mud represented 33.1% and mud-gravel 
45.1% of the total area, these two habitats contained most of the bivalve biomass. In 
contrast, the shoreline was only 1.4% of the total area, so it represented a small part to 
the total biomass for all species even though it had relatively high densities of butter 
clams and Astarte sp. Overall, the hard-shelled bivalves (butter clams, black lampshell, 
hairy cockle, smooth cockle, Nuttall cockle) and epibenthic bivalves (red scallop, false 
jingle and blue mussel) were found in or above mud-gravel sediments (or along the 
shoreline) and were specifically correlated with the gravel and sand components. Based 
on the distribution of the two benthic sediment types, soft-shelled clams occurred 
towards the centers of the three bays in mud while hard-shelled clams occurred along the 
perimeter including the intertidal which was predominately gravel and sand. In terms of 
total biomass, butter clams were the predominate bivalve in Simpson Bay followed by 
stained macomas. Together, these two species represented 71% of the total bivalve 
biomass that could be preyed on by sea otters.  
In Simpson Bay, territorial males and females with pups 4-8 weeks in age spend 
~14% of their time foraging, but this can increase to 32% for females with pups 8-12 
weeks in age (Finerty et al., 2009; Cortez et al., 2016b). Sea otters in the Aleutian 
Islands, Alaska, and Oregon spend 15-20% of their time foraging when populations are 
below equilibrium density and 50-55% foraging when populations are at equilibrium 
density (Estes et al., 1986). Bivalves in Simpson Bay have been sufficient to sustain a 
stable population of sea otters with an average annual density of ca. 3.3 adult otters km−2 
for the past seventeen years and probably longer. Hence, Simpson Bay may be 
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approaching but not yet at the equilibrium density of otters that can be sustained by the 
annual production of bivalves which are their primary prey. 
The process of transporting carbon from the surface to the ocean depths is also 
known as the biological pump. Carbon makes its way through the organic marine 
ecosystem through fixation by photosynthesizing organisms (Ridgwell, 2011). 
Phytoplankton, of all the primary producers, produces the highest influx of carbon into 
the marine ecosystem. Apex predators, such as sea otters, regulate populations of 
herbivores, which can enhance the diversity and productivity of plant populations. 
Therefore, the second goal of this study was to model the trophic dynamics and carbon 
flow of Simpson Bay.  The model describes carbon fluxes starting with primary 
production (phytoplankton) and the subsequent utilization by a series of consumers, (i.e., 
zooplankton, bivalves, and sea otters) as well as deposition and export for three 
conditions: summer (peak phytoplankton bloom), winter (time of negligible primary 
productivity) and an annual average. Although these models do not show the dynamic 
transition between seasons, they provide useful insights for a system with four trophic 
levels, with the sea otter as the top predator. Simpson Bay has relative short carbon 
consumption and deposition pathways with one that has two levels (phytoplankton: 
zooplankton) and two with three levels (phytoplankton: POC: sediment infauna and 
phytoplankton: POC: sediment organic carbon). The longest pathway has four levels 
(phytoplankton: POC: bivalves: sea otters) and is the only one to include an upper 
trophic level predator. These short consumption and deposition pathways enabled the 
creation of a simple food web with some standing stocks (pools) and flow rates that were 
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measured and some that were estimated or assumed. Summer carbon standing stocks and 
daily input and output rates were estimated for a seven component model with 98 adult 
sea otters. The integrated primary productivity was calculated to be 720 mg C m-2 d-1 
(Quigg et al., 2013). We assumed that 30% of the PP was consumed by zooplankton, 
50% became POC and 20% DOC. The mean standing stock of zooplankton was 2,388 
mg C m-2 (Campbell pers. com.), and we assumed that all of the carbon input was from 
phytoplankton grazing while 80% of the carbon output was zooplankton respiration and 
20% was feces. By far the largest water column carbon biomass was POC at 10,000 mg 
C m-2 of which 89% was assumed to come from phytoplankton as result of inefficient 
(messy) zooplankton grazing and 11% from zooplankton feces. The biomass of large 
bivalves (> 1 cm in length) was 2,739 C m-2 based on benthic sampling (Chapter 2). The 
calculated carbon input from POC was 36 mg C m-2 d-1. A calculated 3% of the carbon 
output from bivalves resulted from sea otter predation (Chapter 2) and the remainder was 
lost due to respiration and feces. Sea otters are the upper trophic level predator in 
Simpson Bay, and their mean summer population is 98 adult animals. The carbon 
biomass of sea otters was 13 mg C m-2. We assumed that primary productivity during the 
winter was negligible. If carbon output from the phytoplankton standing stock due to 
zooplankton consumption, POC and dissolved organic carbon were to continue at 
summer levels, then the biomass of phytoplankton would be reduced to zero in five days. 
During the winter, the number of sea otters in Simpson Bay decreases from 98 to about 
70 adults. There are sufficient large bivalves to support this many sea otters for 10. 
Hence, large bivalves are sufficiently abundant to sustain the otters through the winter 
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even with negligible bivalve growth and reproduction. We assumed the 25% of 
invertebrate prey other than bivalve were also sufficiently abundant. The carbon 
generated by the spring phytoplankton bloom becomes the primary food for zooplankton 
and a source of particulate organic carbon (POC) during the summer, which moves 
through the food chain to upper trophic level predators such as sea otters. Although 
Simpson Bay is considered oligotrophic, it has sufficient primary production to support a 
bivalve community that in turn can support a sea otter density of ~3.3 adult otters km−2 
that has been stable for 17 years and probably longer. This density of sea otters may be 
at or close to equilibrium for Simpson Bay and is similar to range (2.4 to 5.1 otters km−2) 
for other areas including Washington State (Laidre et al. 2002), British Columbia (Gregr 
et al. 2008) and California (Laidre et al. 2001) depending on habitat type (rocky vs 
mixed and soft sediments).  
My results contribute to the existing information on sea otters trophic dynamics 
by focusing on prey populations in an area that has been relatively undisturbed and has 
supported a stable sea otter population for over 40 years. In the future, researchers may 
use these data to predict possible outcomes to sea otter recolonization in areas in which 
they were historically extirpated. Regular monitoring of the bivalve populations would 
provide further data that we could use to predict an equilibrium density for sea otters in 
different habitats. In my research, I assumed that the sea otters and their prey were in 
equilibrium because the number in Simpson Bay has been stable and their diet has not 
changed since the early 1980s. However, long term monitoring will be needed to 
confirm this assumption.  
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The carbon model created in this study was a snap shot of two seasonal extremes 
and an annual average.  Further work is needed to introduce natural biological processes, 
such as the seasonality of phytoplankton blooms, the accompanying peak in zooplankton 
biomass and the influxes of carbon due to other natural phenomena (e.g., post-spawning 
death of salmon). As the model stands currently, it gives us the ability to see what the 
major drivers are within the system. However, for a more detailed analyses, the model 
would benefit by adding more variables and dynamic seasonality. We need similar 
models for other habitats (i.e., rocky substrate) and geographic areas around the North 
Pacific Rim. Understanding the behavioral, energetic and ecological factors that regulate 
the density of upper trophic level predators such as sea otters remains a significant 
scientific challenge for the future.  
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APPENDIX
ESTIMATED AMOUNT OF CLAMS CONSUMED PER DAY BY A SEA OTTER 
1. Average daily metabolic rate = 6.3 W kg-1 (Cortez, 2016b)
2. 86,400 s day-1
3. Average body mass of an adult sea otter = 20 kg
4. Energy content per clam = 3.42 x 106 J kg-1 (Cortez, 2016b)
5. Metabolizable energy coefficient = 0.9 (Costa and Kooyman, 1984)
6. Digestible energy coefficient = 0.9 (Costa, 1982)
7. Assimilation coefficient = 0.82 (Costa, 1982)
Prey consumed (clams day-1) = (6.3 x 86,400 x 20) (3.42 x 106 x 0.9 x 0.9 x 0.82) = 4.8 
kg 
Prey consumed (kg) as a percentage of body mass (kg) = (4.8  20) x 100 = 24% 
Assumptions: 
